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ABSTRACT 

Disease ecology of ophidiomycosis in free-ranging snakes 

Rachel M. Dillon 

Ophidiomycosis (snake fungal disease) is caused by the pathogen Ophidiomyces 

ophiodiicola. Infected snakes exhibit dermal lesions, occasional systemic infections, 

and, in some cases, mortality. We studied snakes at Rondeau Provincial Park, Ontario, 

Canada, to explore whether ophidiomycosis develops during brumation or year-round. 

Throughout their active season, we quantified the prevalence of clinical signs of the 

disease on snakes and conducted qPCR of skin swabs to determine the prevalence of 

O. ophiodiicola on snakes. Prevalence of O. ophiodiicola and disease symptoms were 

highest on eastern foxsnakes (Pantherophis vulpinus) and very rare on other snake 

species. In P. vulpinus, pathogen and clinical sign prevalence was highest, directly after 

emergence from overwintering, with the majority of P. vulpinus being able to resolve 

clinical signs of ophidiomycosis by the return of winter. When we analyzed the 

survivorship of P. vulpinus we determined that the likelihood of a snake dying with 

ophidiomycosis is similar to a snake dying without ophidiomycosis. Given that P. 

vulpinus were the most affected species at our study site, ophidiomycosis does not 

appear to pose an imminent threat to our study population of P. vulpinus under current 

conditions. 

 

Keywords: Eastern Foxsnake, Pantherophis vulpinus, ophidiomycosis, snake fungal 

disease, seasonal trends, fitness, body condition, qPCR 
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Chapter 1 – General introduction: Ophidiomycosis 

 
Emerging infectious diseases (EIDs) pose continuous conservation threats to 

wildlife populations. These diseases may seriously affect individual animal and human 

health, as well as have severe consequences for overall biodiversity. Emerging 

infectious diseases are defined as 1) infections that have newly appeared in a 

population or, 2) infections that have previously existed but are rapidly increasing in 

incidence or geographic range (Morse 1995). While many factors cause or increase 

instances of EIDs, those with the greatest over-arching influence on EID prevalence 

may be ecosystem alterations, movements of pathogens or vectors, and mutations in 

microbes (Williams et al. 2002). As humans continue to encroach on wild areas, there is 

a higher chance for EIDs to spread from domestic animals to wildlife populations 

(Daszak et al. 2000). EIDs can also be related to human intervention due to host or 

parasite translocations, often arising from the pet trade (Daszak et al. 2000). 

Infectious diseases are caused by a variety of pathogens that include bacteria, 

viruses, fungi, and parasites. Several high-profile declines are specifically attributed to 

pathogenic fungi, many of which were previously unknown (Fisher, 2012). One such 

fungus is Pseudogymnoascus destructans – responsible for white-nose syndrome 

(WNS) in bats. WNS is the most devastating wildlife disease of mammals in recorded 

history (Bure and Moore, 2019), with up to 90% population decline in affected areas. 

Surpassing P. destructans in the amount of devastation it is causing, is 

Batrachochytrium dendrobatidis. This fungus causes chytridiomycosis in amphibians 

and has been implicated in the decline or extinction of up to 200 frog species (Skerratt 



 2 

et al. 2007). In both cases, the fungi causing disease are highly pathogenic, virulent, 

and transmissible, leading to high mortality. Thus, conservationists were concerned with 

mentions of a potentially new fungal pathogen affecting snakes. 

Disease ecology is complex, with multiple variables contributing to the 

contraction of a disease. The concept of the disease triangle, which shows the three-

way interaction between the pathogen, host, and environment, is often used to 

disentangle these variables (Wobeser 2006, James et al. 2015). The theory of the 

disease triangle states that disease development requires the co-occurrence of a 

susceptible host, a virulent pathogen, and a suitable environment (Moore et al. 2011). 

Ophidiomycosis, more commonly known as snake fungal disease, is caused by 

the fungal pathogen Ophidiomyces ophiodiicola (formerly Chrysosporium ophiodiicola) 

and is associated with skin infections. This disease was first implicated as a possible 

factor in the decline of a population of timber rattlesnakes (Crotalus horridus) in 

northeastern USA in 2011 (Clark et al. 2011). Since then, ophidiomycosis has been 

found in both wild and captive snake populations across the USA and into Ontario, 

Canada, as well as in Europe (Lorch et al. 2016; Franklinos et al. 2017; Allain & Duffus 

2019). In addition to its varied distribution, which may in part be due to the international 

pet trade (Allender et al. 2015b; Lorch et al. 2016), a wide range of snake species have 

been reported to have the disease (Table 1). However, some groups of species were 

initially thought to be more frequently or more severely affected by ophidiomycosis than 

others, specifically vipers, though this could be a product of sampling efforts (Lorch et 

al. 2016). The reason for difference in disease prevalence between species is a yet 

unknown mechanism. 
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The fungal pathogen, O. ophiodiicola, is an environmental saprobe and thought 

to be ubiquitous in the environment. The Fisher model (Fisher et al., 2012), which is 

used to explain highly virulent fungal disease in animals, describes O. ophiodiicola as a 

generalist and opportunistic pathogen, using conidia and hyphae growing on detritus as 

propagules for rapid transmission (Allender et al. 2015b). In vitro, O. ophiodiicola grows 

on a variety of dead substrata and has the ability to utilize complex carbon, nitrogen, 

and sulfur resources found in a wide range of ecosystems (Allender et al. 2015b). This 

suggests that the fungus may infect snakes opportunistically, especially in warmer 

temperatures, as the optimal growth temperature for this fungus is 25° C (Allender et al. 

2015b). A first line of defense for snakes, in the battle against O. ophiodiicola may be 

their unique skin microbial communities (Allender et al. 2018). One species of bacteria, 

Morganella spp., found on snake skin can even inhibit growth of O. ophiodiicola, which 

may play a role in an individual’s ability to fight this disease (Hill et al. 2018).  

Typical clinical signs of ophidiomycosis are scale crusts, ulcers, subcutaneous 

nodules, and swelling (Allender et al. 2011; Lorch et al. 2015). Often, lesions are 

considered minor to moderate in severity, but occasionally, individuals can present 

clinical signs that are much more severe, with the fungus invading the lower tissues and 

organs (Dolinski et al. 2014). Evidence suggests that ophidiomycosis may have an 

effect on snake behaviour as well. There were reports of increased basking as well as 

higher molting frequency in both wild and captive snakes with this disease (McBride et 

al. 2015; Lorch et al. 2015). These behavioural changes may have negative implications 

for snakes, and even cause death via a secondary method, such as depredation. 
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Fungal diseases often follow a seasonal pattern, as fungal growth rates and host 

immune response are dependent on temperature fluctuations, among other factors, that 

may be indirectly related to seasonality (Lugo et al. 2003; Pietikäinen et al. 2005). As 

ectotherms, snakes are particularly vulnerable to changes in temperature, especially 

when seasons change drastically, such as in more northern parts of North America. 

During colder months, snakes of all species brumate underground, either communally 

(intra- or inter-species) or alone (Gregory, 1982). This may have implications for 

transmission (e.g., close contact translates to higher rate of pathogen spread) of 

ophidiomycosis as well as the proliferation of O. ophiodiicola, resulting in seasonal 

trends of disease prevalence. Lesions indicative of ophidiomycosis are a strong 

predictor of O. ophiodiicola prevalence in the spring and summer months, with O. 

ophiodiicola being associated with skin lesions in 76% of snakes with histologically 

confirmed fungal dermatitis (McKenzie et al. 2019). It is important to note however, 

McKenzie et al. (2019) used a number of wild snake species in Kentucky, USA, where 

seasonal trends are not as drastic as the northern USA, or Canada. For example, 

Louisville, Kentucky, USA temperatures range from 0.5 °C to 26.6 °C, while Toronto, 

ON, Canada experiences temperatures of -10.2 °C to 23.1 °C (National Centers for 

Environmental Information, National Environmental Satellite, Data, and Information 

Service 2018a, 2018b). The snakes used in the McKenzie et al. (2019) study do not 

brumate for the same extended period as more northern snakes, and as such, the link 

between ophidiomycosis and brumation is still unknown. 

 Ophidiomycosis cause morbidity and mortality in both captive and wild snakes 

(Rajeev et al. 2009; Allender et al. 2011; Dolinski et al. 2014). Often times, death occurs 



 5 

as a result of a secondary problem, such as anorexia or bacterial infection caused by a 

depleted immune response (Tetzlaff et al. 2017). However, whether these individual 

deaths are plentiful enough to affect snake populations as a whole, is still unknown. 

There are a few convincing cases of individual wild snakes dying as a direct result of 

ophidiomycosis Clark et al. 2011; Allender et al. 2011; Lorch et al. 2016). A declining 

population of rattlesnakes confirmed to have ophidiomycosis is often used as evidence 

to suggest that this disease can have detrimental effects on populations and even 

species persistence (Clark et al. 2011). That population of rattlesnakes in Clark et al. 

(2011) study however, had a plethora of other problems that may have contributed to its 

decline, including inbreeding and extensive habitat loss. As of yet, no other research 

has suggested that ophidiomycosis alone could cause large scale population declines in 

snakes.  

 Much about the ecology of ophidiomycosis and the snakes it affects is unknown. 

To understand this fungal disease’s long-term implications, we must try to understand 

more about its mechanisms, including prevalence among species of snake and what 

times of the year infection is most likely to occur. Before coming to conclusions about 

the conservation consequences ophidiomycosis might have, we must begin to 

understand how this disease affects snake individuals and ultimately, populations.  

The objective of my research is to begin to fill these knowledge gaps and to add 

to the growing amount literature in ophidiomycosis research. In Chapter Two, I 

conducted a field study of ophidiomycosis prevalence among a variety of snake 

species, using both O. ophiodiicola detection and clinical signs to predict the disease. I 

also further analysed seasonal trends of ophidiomycosis in a brumating species of 
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snake. In Chapter Three, I used radio telemetry data to answer questions pertaining to 

fitness of snakes living with ophidiomycosis, using body condition and movement trends 

as fitness proxies. I directly measured fitness through survivorship tests and rates of 

oviposition in diseased snakes. I also analysed snake mortality data to begin to 

understand the relationship between ophidiomycosis and others causes of mortality in 

snakes.  
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Table 1.1: List of wild snake species confirmed or suspected to have ophidiomycosis. * European species 

 
Species Taxonomic Family Reference 

Agkistrodon contortrix Viperidae (Lorch et al. 2016; McKenzie et al. 2019) 

Carphophis amoenus Colubridae (McKenzie et al. 2019) 

Coluber constrictor Colubridae (Lorch et al. 2016; McKenzie et al. 2019) 

Crotalus horridus Viperidae (Clark et al. 2011; McBride et al. 2015; Lorch et al. 2016; Stengle 2018; 
McKenzie et al. 2019) 

Diadophis punctatus Colubridae (McKenzie et al. 2019) 

Farancia abacura Colubridae (Last et al. 2016) 

Heterodon nasicus Colubridae (Lorch et al. 2016) 

Lampropeltis getula Colubridae (McKenzie et al. 2019) 

Lampropeltis nigra Colubridae (Lorch et al. 2016) 

Lampropeltis triangulum Colubridae (Lorch et al. 2016; Ravesi et al. 2016; McKenzie et al. 2019) 

Natrix natrix* Colubridae (Franklinos et al. 2017; Meier et al. 2018) 

Natrix helvetica* Colubridae (Franklinos et al. 2017) 

Natrix tessellate* Colubridae (Franklinos et al. 2017) 

Nerodia erythrogaster Colubridae (McKenzie et al. 2019) 

Nerodia sipedon Colubridae (Glorioso et al. 2016; Lorch et al. 2016; McKenzie et al. 2019) 

Pantherophis 
alleghaniensis 

Colubridae (Lorch et al. 2016) 

Pantherophis spiloides Colubridae (McKenzie et al. 2019) 
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Pantherophis vulpinus Colubridae (Lorch et al. 2016) 

Pituophis catenifer sayi Colubridae (Lorch et al. 2016) 

Python bivittatus Pythonidae (Lorch et al. 2016) 

Regina septemvittata Colubridae (Lorch et al. 2016; Price et al. 2016; McKenzie et al. 2019) 

Sistrurus catenatus Colubridae (Allender et al. 2011, 2013, 2015a, 2016, 2018; Lorch et al. 2016; 
Tetzlaff et al. 2017; Hileman et al. 2018) 

Sistrurus miliarius Colubridae (McCoy et al. 2017; Lind et al. 2018) 

Sistrurus miliarius 
barbouri 

Colubridae (Cheatwood et al. 2003; Lorch et al. 2016) 

Storeria occipitomaculata Colubridae (McKenzie et al. 2019) 

Thamnophis radix Colubridae (Dolinski et al. 2014) 

Thanmnophis sirtalis Colubridae (McKenzie et al. 2019) 

Vipera berus* Viperidae (Franklinos et al. 2017) 
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Chapter 2- Seasonal variation in ophidiomycosis and its 
resolution in wild snakes 
Abstract 
Ophidiomycosis, caused by the fungus Ophidiomyces ophiodiicola, is listed as a global 

conservation concern to snakes (Sutherland et al. 2014), but disease ecology of 

ophidiomycosis is not well understood. We studied snakes at Rondeau Provincial Park, 

Ontario, Canada, to explore whether ophidiomycosis is most prevalent directly after 

brumation or year-round. We collected skin swabs from snakes and conducted qPCR to 

detect the prevalence of O. ophiodiicola on snakes. We also evaluated the prevalence 

of clinical signs of ophidiomycosis on snakes. Prevalence of O. ophiodiicola and 

disease were highest on eastern foxsnakes (Pantherophis vulpinus) (O. ophiodiicola 

(qPCR detection): 21/96; Clinical signs: 112/324), and very rare on other species. 

Eastern foxsnakes may have a higher exposure risk due to their being the largest 

snakes in the park, as the longest snakes have the highest prevalence of O. 

ophiodiicola (t = -9.2347, df = 41.702, p < 0.001) and ophidiomycosis (t = -8.2621, df = 

126.24, p < 0.001). O. ophiodiicola and lesion prevalence in foxsnakes decreased from 

April to October (O. ophiodiicola: SE = 0.003, df = 559, p < 0.001; Clinical Signs SE= 

0.007, df= 135, p < 0.001), and we observed foxsnakes resolving their clinical signs and 

apparently recovering during their active season. This seasonal cycle of O. ophiodiicola 

ophidiomycosis is important to consider when determining what time of year to 

investigate ophidiomycosis in northern populations of snakes.  

Keywords: Eastern Foxsnake, Pantherophis vulpinus, ophidiomycosis, snake fungal 
disease, seasonal trends, qPCR, overwintering, O. ophiodiicola 
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Introduction 
Earth is currently experiencing a rapid loss of biodiversity (Hughes et al. 1994; 

Lydeard et al. 2004; Ceballos et al. 2017; Rosenberg et al. 2019); approximately two 

vertebrate species are lost per year (Ceballos et al. 2017). This decline in biodiversity, 

considered as Earth’s sixth mass extinction, is attributed to habitat loss and destruction, 

climate disruption, overexploitation, and invasive species (Hughes et al. 1994; Ceballos 

et al. 2017), all of which can drive an increase in the number and prevalence of 

infectious wildlife diseases (Jones et al. 2008; Fisher et al. 2012). Disease can 

exacerbate other threats to wildlife resulting in an organism being unable to mount an 

appropriate response to risks. Emerging infectious diseases (EIDs) are defined as 

diseases that have recently increased in incidence or geographic range, recently moved 

into new host populations, recently been discovered, or are caused by newly-evolved 

pathogens (Daszak et al. 2000). Wildlife EIDs are contributing to biodiversity loss, and 

large-scale declines in wild populations have been attributed to emerging fungal 

diseases (Fisher et al. 2012). The spread of the fungal disease chytridiomycosis has 

caused the decline or extinction of more than 200 frog species, decimating the diversity 

of an already imperilled group of animals (Skerratt et al. 2007). Similarly, white-nose 

syndrome has caused a rapid decline in bat abundance, with some hibernacula 

experiencing declines of over 75% (Blehert et al. 2009), primarily across North America. 

Therefore, it is important to identify and understand pathogens and their effects on host 

species before they become a conservation concern. 

Ophidiomycosis (snake fungal disease) is caused by the fungal pathogen 

Ophidiomyces ophiodiicola (formerly Chrysosporium). This is especially concerning as 

snakes belong to a taxa that are disproportionally at risk of decline, due to habitat loss 
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and degradation, introduced invasive species, environmental pollution, disease, 

unsustainable use, and global climate change (Gibbons et al. 2000). There has been a 

dramatic increase in the reports of ophidiomycosis in wild North American snakes since 

2011 (Paré & Sigler 2016), which have caused many to classify this disease as 

“emerging” (Allender et al. 2011; Clark et al. 2011). Recent observations have been 

reported in the eastern United States (Rajeev et al. 2009; Dolinski et al. 2014; Guthrie et 

al. 2016; Lorch et al. 2016; Glorioso et al. 2016; Tetzlaff et al. 2017), though there are 

also cases of ophidiomycosis in a variety of wild snake species in Canada, Europe, and 

Australia (Vissiennon et al. 1999; Lorch et al. 2016). The prevalence of ophidiomycosis 

may vary among species, but the disease has been documented mostly in colubrids 

and vipers (Lorch et al. 2016). It is unclear what may make one snake species more 

susceptible than another, though likely there are a multitude of factors (i.e., immune 

function, environmental changes) that influence predisposition to the disease, including 

individual population dynamics (Lorch et al 2016). 

The pathogenic fungus O. ophiodiicola is found on a variety of substrates in a 

range of environments and opportunistically infects snakes (Allender et al. 2011, 2015). 

In vitro, O. ophiodiicola grows well on dead organisms, and it can use multiple complex 

carbon and nitrogen sources and tolerate the wide range of pH (5 –11) and high sulfur 

levels most commonly found in the soil (Allender et al. 2015), suggesting it is an 

environmental saprophobe, which is an organism that derives its nutrients from 

nonliving or decaying organic matter. Ophidiomyces ophiodiicola also uses a 

compliment of enzymes for using many environmental carbon and nitrogen sources 

(Allender et al. 2011). This fungus grows well from temperatures ranging from 10°C – 
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35°C, where inhibition occurs. With increasing global temperatures, snake populations 

that experience milder winters could be disproportionately affected. 

Clinical signs of ophidiomycosis include; crusty scales, superficial pustules, and 

subcutaneous nodules (Dolinski et al. 2014; Mcbride et al. 2015; Tetzlaff et al. 2015; 

Guthrie et al. 2016). Clinical signs are highly variable, from minor lesions to severe 

swelling of the face and invasion into the lungs and deep tissue (Figure 2.1). 

Ophidiomycosis has been associated with mortality and morbidity in some cases 

(Rajeev et al. 2009; Allender et al. 2011; Dolinski et al. 2014; Mcbride et al. 2015; Paré 

& Sigler 2016), but snakes are able to persist with the disease (Chandler et al. 2019).  

Clinical signs consistent with ophidiomycosis have been documented in 

overwintering snakes for decades – before they were associated with this fungal 

disease (Clark et al., 2011). However, it is impossible to know if lesions were caused by 

O. ophiodiicola without having identified the pathogen. These lesions were referred to 

as hibernation/brumation sores or blisters (Paré & Sigler 2016), because they usually 

disappeared soon after emergence from dens (Clark et al., 2011). There has been an 

association between overwintering snakes and emerging from overwintering in poor 

condition, often exhibiting lesions or blisters (Paré & Sigler 2016). This same 

relationship is being noticed today with anecdotal observations suggesting that clinical 

signs of ophidiomycosis may be more common in snakes directly after emergence from 

brumation (Guthrie et al. 2016; Lorch et al. 2016). This may indicate that snakes are 

unable to mount an effective immune response to the fungus during overwintering, as 

has been observed in other animals that overwinter (Nelson & Demas, 1996; Bouma et 

al. 2010). Fungal infections that affect wild populations generally follow a seasonal cycle 
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due to varying rates of fungal growth in different environmental conditions, most often 

based on temperature (Kriger & Hero 2006; Berger et al. 2015).  Pseudogymnoascus 

destructans, the fungal pathogen associated with white-nose syndrome in bats exploits 

its hosts during hibernation, and the success of this pathogen is directly associated with 

the hibernating physiology of these bats during overwintering (Cryan et al. 2010). Thus, 

O. ophiodiicola may affect snakes during their overwintering period, when they are most 

vulnerable due to their suppression of whole-body energy expenditure. Differing severity 

in clinical signs of ophidiomycosis across seasons has been noted in multiple studies 

that took place across a variety of latitudes in the US, though with conflicting results 

most likely due to the differing climates of the study areas (McCoy et al. 2017; Lind et al. 

2018; McKenzie et al. 2019). There may be implications for testing for instances of O. 

ophiodiicola or disease, if they are most prevalent during certain times of the year. This 

may lead to sites being deemed “ophidiomycosis-free” if researchers test for the 

disease at the wrong time. Thus, we need to understand the seasonal dynamics of 

ophidiomycosis in snakes to assess its true conservation impact and investigate 

whether there is evidence for recovery of the disease in the wild.  

We hypothesized that ophidiomycosis affects snakes on a seasonal cycle, 

developing during the snakes’ overwintering period and resolving the following active 

season. We predicted that the prevalence of O. ophiodiicola and gross lesions 

consistent with ophidiomycosis would be highest on snakes directly after emergence 

from overwintering, and that O. ophiodiicola and/or clinical signs of ophidiomycosis 

would be detected on fewer snakes as the active season progresses. We also took the 
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opportunity to explore the variation in disease prevalence among species that occur in 

the same area. 

Materials and Methods 
 We captured and examined snakes from April to October, 2013 – 2018, at 

Rondeau Provincial Park (RPP) in Morpeth, Ontario, Canada. Ophidiomycosis was 

present at the study site (CWHC, 2016) and eight species of snake were present at 

RPP, which allowed us to compare detection of O. ophiodiicola among species and the 

prevalence of ophidiomycosis. 

 Snakes were captured during weekly surveys of an established coverboard 

transect (N = ~ 350 boards). We also searched opportunistically in suitable habitats 

within RPP. We recorded sex, snout-vent length, tail-length, and mass. Pantherophis 

vulpinus (Eastern Foxsnake) and Heterodon platirhinos (Eastern Hognose Snake) were 

implanted with a uniquely coded Passive Integrated Transponder (PIT) tag, to allow us 

to recognize recaptures. Other species were not individually marked. 

 In 2017 and 2018 we also collected swabs from all captured snakes to test for O. 

ophiodiicola and examined each snake for clinical signs of ophidiomycosis. Each snake 

was swabbed twice with two separate swabs (Puritan 3" Sterile Standard Cotton Swab 

w/Semi-Flexible Polystyrene Handle, 2019), swabbing ventrally and dorsally along the 

length of the snake’s body (“body” swabs). If a snake exhibited lesions consistent with 

clinical signs of ophidiomycosis, we collected two additional swabs, concentrating the 

swabs only on the dermal lesions (“lesion” swabs). We stored all swabs in lysis buffer at 

room temperature. Swabs were submitted to the Canadian Wildlife Health Centre 

(CWHC) offices in Guelph, Ontario for DNA extraction and a validated real-time 
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polymerase chain reaction (qPCR) assay targeting O. ophiodiicola was performed 

(Allender et al. 2015, Bohuski et al. 2015). The precision and detection limit of the 

assays were evaluated based on a ten-fold standard curve dilution series of gDNA from 

5 to 50,000 fg of DNA.  The cycle threshold (Ct) for this test was considered at 40 

cycles (i.e., samples with lower Ct values contain more O. ophiodiicola DNA). Samples 

with a Ct value less than 40 were considered positive for O. ophiodiicola and coded with 

1 for data analyses, whereas samples with a Ct value greater than or equal to 40 were 

considered negative for O. ophiodiicola (indicating the pathogen was absent or present 

in quantities below the detection limit of the assay) and coded with a 0 for data 

analyses. In R Studio version 1.0.153 (R studio Team, 2015), we used a Fisher’s Exact 

test (fisher.test, Package stats version 3.5.1) to determine if there was a difference in O. 

ophiodiicola prevalence among species, followed by a Pairwise Comparison of 

Proportions test (prop.test, Package stats version 3.5.1), using Holm’s p-value 

adjustment. In order to determine if length of a snake had any influence on their disease 

status, we analyzed the SVL of each P. vulpinus (as they are the largest snake at our 

site by far) and compared that with whether or not the snake had clinical signs or O. 

ophiodiicola, using a T-test (t.test, Package stats version 3.5.1). In addition, we also 

compared the CT values of positive swabs to the SVL of the associated P. vulpinus 

using a linear model (lm, Package stats version 3.5.1). A lower CT value indicates that 

there is a higher detection rate of the fungus meaning that we wanted to investigate if 

longer snakes had a higher detection rate. 

We re-sampled individual P. vulpinus each time they were recaptured and used 

these data to test whether the prevalence of detected O. ophiodiicola on P. vulpinus 
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varied across the active season. We performed a logistic regression analysis of Julian 

date against presence (1) or absence (0) of O. ophiodiicola on each snake captured in 

2017 and 2018, controlling for year and individual. If a snake had both “body” swabs 

and “lesion” swabs, the “lesion” swab result was used, as O. ophiodiicola could be 

concentrated in lesions (Bohuski et al. 2015). We ran the generalized linear mixed 

model (Glmer, Package lme4 version 1.1-19) with a binomial distribution and a logit link 

function. We considered results of all analyses statistically significant with a threshold α 

< 0.05. 

For each P. vulpinus captured in the park from April – October of 2013 –2018, we 

recorded the presence or absence of clinical signs of ophidiomycosis: gross dermal 

lesions, including regional or local edema, crusts, ulcers, dysecdysis, and other forms of 

non-injury type damage to the dermis (Lorch et al. 2015; Guthrie et al. 2016). We 

collected biopsies under sterile surgical conditions to confirm the diagnosis through 

histology and qPCR. All snakes were released at their capture locations within 24 hours 

of capture. We performed a logistic regression analysis of Julian date against presence 

(1) or absence (0) of lesions on a snake, including individual and year as a random 

effect. We ran the generalized linear mixed model (Glmer, Package lme4 version 1.1-

19) with a binomial distribution and a logit link function. In snakes (n = 17) that were part 

of a related radio telemetry project (Chapter 3), we were able to follow the progression 

of lesions more closely, counting the number of lesions at least once, monthly. Linear 

models (lm, Package stats version 3.5.1) were then used to assess the trend of lesions 

over the active seasons (2017, 2018) for radio tracked snakes, controlling for individual. 
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To test whether the prevalence of clinical signs of ophidiomycosis (lesions) in P. 

vulpinus varied across the active season we performed a logistic regression analysis of 

Julian date against presence (1) or absence (0) of lesions on each captured snake, 

controlling for individual. We ran the generalized linear mixed model (Glmer, Package 

lme4 version 1.1-19) with a binomial distribution and a logit link function. 

To assess the concordance in O. ophiodiicola detection between “body” and 

“lesion” swabs from an individual, we counted the number of discrepancies in O. 

ophiodiicola detection between “body” swabs and “lesion” swabs in snakes exhibiting 

clinical signs of ophidiomycosis. 

Results 
Of 80 pairs of body and lesion swabs from all snake species, thirteen pairs 

(15.8%) included one swab that tested positive and one that did not (Table 2.1). Eleven 

pairs contained a positive lesion swab and a negative body swab, while two exhibited 

the opposite pattern (Table 1). 

We collected 465 swabs from 314 individual snakes (Figure 2.2). Ophidiomyces 

ophiodiicola was not detected on H. platirhinos (n = 1) or S. occipitomaculata (n = 2), 

and we excluded these species from further analyses due to low sample size. O. 

ophiodiicola was most commonly detected on P. vulpinus (21/96) followed by N. 

sipedon (1/6) and S. dekayi (1/60), and finally, T. sirtalis (2/160) (Figure 2.2). O. 

ophiodiicola prevalence differed significantly among species (p < 0.001). Pantherophis 

vulpinus contributed to 64% of the O. ophiodiicola positive snakes sampled at RPP. 

Pairwise comparisons by proportions revealed that O. ophiodiicola prevalence on P. 

vulpinus differed from the O. ophiodiicola prevalence of S. dekayi (p = 0.0037), T. s. 
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sirtalis (p < 0.001), and T. sauritus (p = 0.1203), while the sample size for N. s. sipedon 

was too small to reliably detect a difference. O. ophiodiicola presence (n = 354) and 

clinical signs (n = 382) were positively associated with SVL. Longer P. vulpinus were 

more likely to test positive for O. ophiodiicola (Fig. 2.3; t = -9.2347, df = 41.702, p = 

1.224e-11) as well as being more likely to have clinical signs (Fig. 2.3; t = -8.2621, df = 

126.24, p = 1.669e-13). There was not a significant relationship between P. vulpinus CT 

values and SVL (R2 = 0.08, df = 27, p > 0.05). 

O. ophiodiicola presence was negatively associated with day of year (Fig. 2.4; 

SE= 0.007, df= 135, p < 0.001). We detected O. ophiodiicola most frequently on P. 

vulpinus directly after emergence from brumation (late April – early May; 19/38 snakes 

swabbed) and less frequently as the active season progresses. By the time the snakes 

re-entered overwintering sites (September – October), O. ophiodiicola was only 

detected on 1/30 P. vulpinus swabbed. 

Clinical signs of SFD in P. vulpinus decreased in prevalence over the active 

season (Fig. 2.4; SE = 0.003, df = 559, p < 0.001). Clinical signs in a subset of 17 

snakes radio-tracked and recaptured frequently over a 2-year period (2017 –2018), was 

also negatively associated with day of year and showed the seasonal nature of the 

disease in the same individuals. Snakes in 2017 that exhibited a large number of 

lesions at the beginning of the active season generally exhibited a decrease in lesion 

numbers within that year, with most snakes not experiencing any lesions by the end of 

the active season (Fig. 2.5; linear model; R2 = 0.15, df = 32, p = 0.0242). The same 

trend was observed in 2018 (Fig. 2.5; linear model; R2 = 0.23, df = 27, p = 0.0081) with 

6 snakes from 2017 surviving through overwintering. Of the six snakes that were 
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tracked through overwintering, four individuals (67%) saw an increase in their number of 

lesions in the Spring of 2018, after going into brumation in the Fall of 2017 with no 

lesions at all. 

Discussion 
Ophidiomycosis is most prevalent in P. vulpinus and only affects a small number 

of individuals in other snake species (Fig 2.2). This may be due to P. vulpinus being the 

longest snake species in the park, and SVL being positively associated with O. 

ophiodiicola and disease presence (Fig. 2.3). In line with our hypothesis, 

ophidiomycosis observations are negatively associated with day of year (Fig. 2.4). P. 

vulpinus have the highest prevalence of O. ophiodiicola and disease directly after 

emergence from brumation and resolve most lesions by the end of the active season, 

consistent with our predictions of a seasonal trend (Fig. 2.4, 2.5). 

Pantherophis vulpinus have the greatest detected prevalence of O. ophiodiicola 

(Fig. 2.2), even though they share hibernacula, coverboards, and habitat features with 

other snake species in RPP. This is interesting in that it leads to more questions as to 

how the pathogen causing ophidiomycosis persists in the environment and is 

transferred among individuals, if snakes living in the same areas are not infected 

equally. In laboratory conditions, the O. o grows on a variety of substrates, in a range of 

temperatures (optimal growth at 25°C) and pH values (Allender et al. 2015). 

Ophidiomyces ophiodiicola appears to tolerate a variety of environments, and we 

expected it would be equally prevalent on different species using the same immediate 

habitat. This is not the case at RPP, however, as P. vulpinus has the highest instances 

of O. ophiodiicola detection as a species. We investigated this trend further by analyzing 
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SVL and its relationship to both O. ophiodiicola and clinical signs. Longer snakes are 

more likely to test positive for O. ophiodiicola as well as be more likely to have lesions 

indicative of ophidiomycosis (Fig. 2.3). It is important to note that P. vulpinus are the 

longest snake species examined in our study, but even within their own species, longer 

snakes are more at risk for ophidiomycosis. It is possible that the longer a snake is, the 

more surface area can come into contact with O. ophiodiicola, thus leading to higher 

instances of clinical signs. SVL can also be used as a proxy for age, so it may also be a 

possibility that older (longer) snakes are more susceptible to ophidiomycosis. A recent 

study showed that the skin microbiome of a snake may influence susceptibility to O. 

ophiodiicola (Allender et al. 2018). Perhaps there is a difference in the skin microbiome 

of P. vulpinus in comparison to the other snake species in the park, which could explain 

why they are more likely to carry O. ophiodiicola. Alternatively, swabbing larger snakes 

means we could have sampled a larger area of skin, picking up more of O. ophiodiicola 

and are more likely to detect it with the qPCR. Next steps should include testing skin 

microbiomes of snake species that have been exposed the disease and begin to 

quantitate the fungal load on a snake by using the corresponding SVL and a standard 

curve. 

We found that prevalence of both O. ophiodiicola (O. ophiodiicola; Fig. 2.3) and 

clinical signs of ophidiomycosis (gross lesions; Fig. 2.3), are most widespread in P. 

vulpinus directly after emergence from overwintering underground (May). In a study of 

wild snakes with ophidiomycosis in Virginia, USA, it was reported that a large proportion 

of snakes with skin lesions were captured in April and no snakes with skin lesions were 

captured after mid-July (Guthrie et al., 2016). This is similar to what we observed in 
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RPP snakes with clinical signs of the disease, though we took it a step further by linking 

seasonality to O. ophiodiicola detection. Both aspects of the disease – O. ophiodiicola 

detection and clinical signs –follow the same significant trend, with the majority of the O. 

ophiodiicola prevalence and lesions being detected in May, after overwintering, and 

then detection tapering off by the end of the active season, August – October (Fig. 2.3). 

This is also consistent with a study that took place in Kentucky in which ophidiomycosis 

was most prevalent in Spring and Summer, with 65.8% and 57.5% of snakes had a 

positive PCR, respectively (Mckenzie et al. 2019). There are two other studies (McCoy 

et al. 2017; Lind et al. 2018) that looked at the ophidiomycosis relationship with 

seasonality but these were done using pygmy rattlesnakes (Sistrurus miliarius) in 

Florida, where snakes do not have the overwintering period that more northern snake 

species deal with. Rattlesnakes snakes experienced the highest clinical sign prevalence 

in the months of January and February (McCoy et al. 2017), which is when our study 

species, P. vulpinus, are underground in brumation. This indicates that there are 

differing seasonal cycles of ophidiomycosis across study sites, depending on climate. 

Many different factors connected with overwintering could contribute to these 

trends in disease seasonality. First, there is the potential that snakes only become 

infected with O. ophiodiicola within the underground hibernacula that northern snakes 

use for overwintering. This seems unlikely however, as O. ophiodiicola has been 

detected on snakes in the southern US, where snakes do not need to overwinter, 

though they could still use underground burrows during cold temperatures (Lips 1991; 

Lind et al. 2017). In addition to this, research suggests that O. ophiodiicola is a soil 

saprobe (Allender et al. 2015), indicating that it should not just be confined to a specific 
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hibernaculum, rather, the fungus should be ubiquitous in the environment. Another 

reason for this trend of increased O. ophiodiicola prevalence directly after emergence, 

could be that snakes are unable to mount an effective immune response during this 

brumation period. It has been noted that host response to infection with O. ophiodiicola 

included increased frequency of shedding (Lorch et al. 2015). Shedding of the skin 

presumably removes the fungus from the snake if it is only on the first layer of the skin, 

and research shows that lesions are largely resolved after shedding (Lorch et al. 2015). 

Snakes are unable to shed their skin during overwintering, which potentially allows for 

the infection to progress to more severe clinical signs, and into the lower dermal layers 

or potentially other organs, which could result in the increased number and severity of 

lesions on snakes after emergence from underground. It is also possible that UV 

exposure has an effect on O. ophiodiicola over time, which would explain higher 

infection in the spring with gradual disappearance over the summer (Fig. 2.3), as well as 

some snakes emerging from overwintering early to bask in the sun (Paré and Sigler 

2016). While O. ophiodiicola has not been tested in the context of UV light, 

Batrachochytrium dendrobatidis, the causative agent of chytridiomycosis, has. UV light, 

however, was reported to be ineffective in killing B. dendrobatidis (Johnson et al 2003). 

Snakes that emerge from overwintering with clinical signs of ophidiomycosis may 

succumb to the infection or recover during the summer (Guthrie et al. 2016). In the 

Guthrie et al. 2016 study, 73% of snakes (Nerodia taxispilota, Farancia erytrogramma, 

Nerodia sipedon, Coluber constrictor, Thamnophis sauritus sauritus, Pantherophis 

alleghaniensis, Lampropeltis getula getula, Thamnophis sirtalis sirtalis) swabbed in April 

had skin lesions, while 0% of snakes after mid- July had lesions. Many of the infected P. 



 23 

vulpinus we observed with lesions persisted and recovered. In our study, the majority of 

snakes resolved all of their clinical signs by the time they entered brumation in the fall 

(Fig. 2.5). Not only were snakes able to persist with lesions, many were able to resolve 

them completely during their active season of ~ May to October (Fig. 2.4). The cyclic 

and seasonal pattern of ophidiomycosis becomes especially clear when we see snakes 

resolve all lesions completely by the end of an active season, only to emerge from 

overwintering the following season with lesions again (Fig. 2.4). This may be due to 

their ability to shed after emergence, ridding themselves of the infection via their skin, 

when they are unable to do so underground. For snakes that have a harder time 

resolving lesions, O. ophiodiicola may have already penetrated lower dermal layers and 

caused secondary problems for the snakes’ health, such as bacterial infections or 

pneumonia (Rajeev et al. 2009; Allender et al. 2015, 2018; Lorch et al. 2016). It is 

important to note however that we were not set-up in the field to detect secondary 

problems that may have arose as a result of ophidiomycosis, unless there was a 

mortality and the snake could be sent away for necropsy. 

Estimates of O. ophiodiicola prevalence based on qPCR of epidermal swabs are 

conservative because some disagreeing swab results from the same swabbing event. 

We observed 14 discrepancies between the qPCR results of “body” and “lesion” swabs 

taken from the same snake, on the same day (Table 2.1). Positive “lesion” swab and 

negative “body” swab, are much more common than negative “lesion” swab and positive 

“body” swab. Our results suggest that further confirmation of O. ophiodiicola is required 

(i.e., noting of clinical signs and/ or biopsies) due to the small proportion of 

discrepancies between body and lesion swabs. To further confirm the disease in a 
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snake, histology should be performed on biopsies of the snake, along with confirmation 

of O. ophiodiicola via qPCR and clinical signs exhibited by the snake. Unfortunately, the 

biopsy portion of confirmation of disease often presents logistical problems in the field 

as we are unable to take every snake encountered to an authorized veterinarian for 

biopsy and additionally, biopsies are invasive. 

Future directions in researching ophidiomycosis and its persistence in snakes should 

include studies with a focus on snake hibernacula in northern populations, such as the 

ones in this study and even further north. Communally overwintering snake groups need 

to be further analyzed and compared for fungal pathogen prevalence. There seems to 

be a positive link between overwintering snakes and ophidiomycosis, but it could not be 

teased out entirely in this study because we need to test and analyze the substrates of 

a variety of hibernacula for O. ophiodiicola in areas where it is known to occur, along 

with the snakes that emerge from the hibernacula. This could have larger implications 

as climate change causes northern areas to warm, snakes may not need to overwinter 

for as long, changing the dynamics of the snake-disease pathosystem. More long-term 

tracking of individuals is also needed to further our understanding of the resolution of 

clinical signs. Our study fills fundamental knowledge gaps within research of 

ophidiomycosis, as we have provided evidence for the perseverance of snakes with 

ophidiomycosis over the active season. Ophidiomycosis may be more seasonally based 

than originally thought, as it affected snakes in our study in a yearly, cyclic manner. The 

time of year influences both O. ophiodiicola and disease prevalence and this may lead 

researchers potentially over- or under-estimating instances of the disease, which has 

implications for management of populations with ophidiomycosis.
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Table 2.1: Swabs collected from a variety of snake species at Rondeau Provincial Park (2017 – 2018) to test for the 

pathogen causing ophidiomycosis, O. ophiodiicola. We examined each snake for clinical signs of ophidiomycosis. Each 

snake was along the length of the snake, both ventrally and dorsally (“BODY” swabs). If a snake exhibited lesions 

consistent with clinical signs of ophidiomycosis, we collected additional swabs, concentrating the swabs only on the 

dermal lesions (“LESION (LES)” swabs). Using quantitative PCR, each swab was analyzed to determine if O. ophiodiicola 

could be detected. Detection limit for this test is considered at an inverse cycle threshold (Ct) = 40 (i.e., samples with 

lower Ct values contain more O. ophiodiicola DNA). POS (+) samples indicate that O. ophiodiicola was detected below the 

(Ct) value of 40. NEG (-) samples indicate O. ophiodiicola was not detected at all.  

 
  # of swabs with ONLY 

BODY swabs (no clinical 
signs) 

# of swabs with BODY + LESION swabs (clinical signs) 

POS (+) NEG (-) BODY (+) 
/LESION (+) 

BODY (-)/ 
LESION (-) 

BODY (+)/ 
LESION (-) 

BODY (-)/ 
LESION (+) 

10 295 12 54 2 12 

Total = 305 Total = 80 (x 2 for paired swabs) = 160 

Total = 465 
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Figure 2.1: Two different Pantherophis vulpinus displaying clinical signs of 

ophidiomycosis cause by the fungus Ophidiomyces ophiodiicola in Ontario, 

Canada in 2017. ‘A’ depicts less severe clinical signs of the disease, slight 

crusting of the ventral scales. ‘B’ shows a snake dealing with much more severe 

clinical signs of ophidiomycosis in which the fungus is primarily affecting the face 

of the snake, invading lower tissue layers. 
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Figure 2.2: Ophidiomyces ophiodiicola prevalence in snakes at Rondeau Provincial Park (April – October, 2017 – 2018). 

Each observation represents a body swab (if the snake had a body and lesion swab, and there was a discrepancy 

between results from each swab, the positive swab was used) from a unique individual (N = 345). 

n = 6 n = 96 n = 60 n = 160 n = 23
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Figure 2.3: Boxplots illustrating snout-vent lengths of Pantherophis vulpinus and the presence of clinical signs of 

ophidiomycosis (n = 382) or the pathogen Ophidiomyces ophiodiicola (n = 354), sampled at Rondeau Provincial Park 

(April – October, 2017 – 2018). Each point represents an individual snake observation (clinical signs) or swab (O. 

ophiodiicola). *** indicates significance at p < 0.05



 29 

 

 

Figure 2.4: A binary logistic regression illustrating prevalence of clinical signs (lesions) 

of ophidiomycosis (n = 561; purple) and the pathogen Ophidiomyces ophiodiicola (n = 

137; teal) in Pantherophis vulpinus, sampled at Rondeau Provincial Park (April –

October, 2017 – 2018). The Y-axis represents the presence or absence of clinical signs 

(GLMM; SE = 0.003, df = 559, P < 0.001) or the pathogen, O. ophiodiicola (GLMM; SE= 

0.007, df= 135, p < 0.001). Shaded areas represent 95% confidence intervals.
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Figure 2.5: Regressions (bold black trend lines) illustrating a decline in number of 

lesions (clinical signs of ophidiomycosis) over the active season, for P. vulpinus 

individuals radio-tracked over 2 consecutive years at Rondeau Provincial Park, ON, 

Canada. Each coloured line represents an individual (n = 17), with 6 snakes surviving 

for 2 consecutive years. Each point represents the date of observation. The dashed line 

box represents the overwintering period, in which these snakes retreat underground and 

are unobservable. Bold black line, general trend: Linear Models (2017 Data, R2 = 0.15, 

df = 32, p < 0.05 (0.0242)), (2018 Data, R2 = 0.23, df = 27, p < 0.01 (0.008)).
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Chapter 3 – Does ophidiomycosis affect Pantherophis 
vulpinus fitness?  

Abstract 
Ophidiomycosis (snake fungal disease) is caused by the fungal pathogen 

Ophidiomyces ophiodiicola. Infected snakes exhibit dermal lesions, occasional systemic 

infections, and in rare cases, mortality. To better understand the conservation 

implications of ophidiomycosis, we investigated its impacts on individual fitness in a 

population of endangered eastern foxsnakes (Pantherophis vulpinus). We tracked 30 

foxsnakes over six years and quantified three fitness proxies: body condition, movement 

patterns, and ovipositioning. We observed similar body condition, distance travelled, 

and oviposition rates (p > 0.05) between snakes with and without ophidiomycosis. 

Interestingly, snakes with ophidiomycosis had larger home ranges (df = 20, W = 90, p > 

0.04), suggesting that risk of infection may increase with exposure to a greater diversity 

of habitats. Of 19 snakes tracked from 2017 – 2019, 14 tested positive for O. 

ophiodiicola at some point during tracking. Using a multi-fate-multi-state survivorship 

model, we determined that P. vulpinus were not more likely to die while having 

ophidiomycosis (10.1%, UCL: 21.8%, LCL: 4.37%) compared to dying while otherwise 

healthy (3.3%, UCL: 12.2%, LCL: 0.83%), however infected snakes may be at a higher 

risk of predation than uninfected snakes. Overall, our results suggest that 

ophidiomycosis has only indirect effects on the fitness of eastern foxsnakes. Given that 

foxsnakes were the most affected species at our study site, ophidiomycosis does not 

appear to pose an imminent threat to our study population under current conditions. 

Keywords: Eastern Foxsnake, Pantherophis vulpinus, ophidiomycosis, snake fungal 
disease, fitness, body condition, qPCR, survivorship 
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Introduction 
Many reptiles and amphibians are imperilled (Gibbons et al. 2000; Sodhi et al. 

2008; Todd et al. 2010; Böhm et al. 2013) because of threats such as introduced 

invasive species, global climate change, habitat loss, and disease (PARC 2007). The 

number of emerging diseases caused by fungi relative to other types of pathogens has 

risen (~7%) during the last two decades (Fisher et al. 2012). Several large-scale 

declines in wild populations and biodiversity have been attributed to fungal diseases, 

such as the chytrid fungus, Batrachochytrium dendrobatidis in amphibians (Skerratt et 

al. 2007), and the fungus that causes white-nose syndrome in bats, 

Pseudogymnoascus destructans (Blehert et al. 2009). 

When populations are already imperiled, introduction of disease likely only 

exacerbates declines. For example, with chytridiomycosis, which has caused a global 

decline in already at-risk frog species, and even extinction in some species (Skerratt et 

al. 2007; James et al. 2009). Chytridiomycosis exemplifies how a fungal disease can 

result in a great loss of biodiversity in a relatively short time period, and thus, makes 

scientists wary of new emerging wildlife pathogens that then might cause similar 

declines in other species.  

Ophidiomycosis (snake fungal disease) has been categorized as an emerging 

wildlife disease and was first described in 2011 in a population of eastern massasaugas 

(Sistrurus catenatus) in Illinois, USA (Allender et al., 2011). Since then, the disease has 

been reported in a variety of wild snake species across the USA, Canada (CWHC, 

2016), and Europe (Allain & Duffus 2019). There is some debate as to whether 

ophidiomycosis is an “emerging” disease because clinical signs have been reported for 
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decades, particularly after a snake emerges from overwintering (Clark et al. 2011; 

Guthrie et al. 2016).  

Ophidiomycosis is diagnosed following the identification of diseased skin infected 

with the fungus Ophidiomyces (formerly Chrysosporium) ophiodiicola (Allender et al. 

2011). Data suggests that the fungus infects snakes opportunistically and is found on a 

variety of substrates in a range of environments (Allender et al. 2015). Lesions, which 

must be associated with O. ophiodiicola to be considered ophidiomycosis, can be 

characterized by crusty scales, superficial pustules, and subcutaneous nodules 

(Dolinski et al. 2014; McBride et al. 2015; Tetzlaff et al. 2015; Guthrie et al. 2016). 

Clinical signs are highly variable, from minor lesions to severe swelling of the face and 

invasion of the lungs and deep tissue.  

Ophidiomycosis has been associated with mortality and morbidity in some 

individual cases, but not all (Rajeev et al. 2009; Allender et al. 2011; Dolinski et al. 

2014; Mcbride et al. 2015). Snakes often respond to O. ophiodiicola infection by 

increasing moult frequency, with some individuals being able to recover from the 

disease completely. Death caused by ophidiomycosis may arise from secondary 

complications such as anorexia, rather than direct fungal damage (Tetzlaff et al. 2017). 

Regardless how mortality occurs, it is important to consider infectious wildlife diseases 

at all scales (Tompkins et al. 2011), especially those considered ‘emerging’. Initial 

research often focuses on what a particular disease can do to an individual, but from a 

conservation perspective, how a disease may affect population dynamics is more 

important. Populations can also react to diseases differently (i.e., local adaptation), with 

some being more negatively affected than others due to environmental or constraints, 
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such as warmer temperatures (Harvell et al. 2002), or population dynamics, such as 

depleted genetic variance as a result of inbreeding (Acevedo-Whitehouse et al. 2003; 

Trinkel et al. 2011; Vander Wal et al. 2014; Lorch et al. 2016). This was the case in a 

population of Timber rattlesnake (Crotalus horridus), in which ophidiomycosis was 

thought have an influence in their decline, though there were other contributing factors, 

including higher than normal rainfall and genetic isolation (Clark et al. 2011). 

Fitness can be defined in many ways, but one of its underlying concepts is the 

ability of an individual to survive and reproduce in a given environment (Demetrius & 

Ziehe 2007, Barker 2009). Proxies such as body condition or reproduction can be used 

to infer fitness in an individual. Fitness differences among individuals are necessary for 

selection to lead to change in a population. Thus, if an incoming disease negatively 

affects individual fitness and a large number of individuals are affected, the disease may 

cause population declines. 

The conservation implications of ophidiomycosis are still largely unknown, though 

not undiscussed. Some studies indicate that ophidiomycosis poses serious long-term 

implications for populations of snakes, especially those already at risk (Allender et al. 

2011) and ophidiomycosis was listed as a global conservation concern in 2014 

(Sutherland et al. 2014). The purpose of our study was to characterize fitness impacts in 

a wild population of endangered Pantherophis vulpinus (Willson & Committee on the 

Status of Endangered Wildlife in Canada 2008) known to have ophidiomycosis. If 

ophidiomycosis negatively impacts host fitness, then snakes with ophidiomycosis, when 

compared to snakes without the disease, should have lower body condition, constricted 

movement patterns, and a reduction in egg laying throughout the active season – 



 35 

especially directly before and after overwintering. In addition to these proxies, radio-

tracking P. vulpinus allowed us to calculate the probability of survival for snakes in this 

population with ophidiomycosis. 

Materials and Methods 
  We studied an endangered population of the Pantherophis vulpinus (Eastern 

Foxsnake) at Rondeau Provincial Park (RPP) in Morpeth, Ontario, Canada. P. vulpinus 

have been tracked using radio telemetry at RPP since May of 2013. Following animal 

care protocols and in collaboration with a qualified veterinarian, we surgically implanted 

transmitters (SI-2, HOLOHIL, Carp, Ontario, Canada) into a total of 44 snakes 

throughout the active seasons (May – August) of 2013 – 2018. These temperature 

sensitive transmitters (9 – 11g transmitter < 3% of the body mass of the snake) lasted 

from 12 to 18 months, requiring annual replacement (there is no mortality sensor). 

Snakes were tracked approximately once weekly from 2013 – 2015, and twice weekly in 

2016 – 2018. Tracking took place from the time snakes emerged from overwintering in 

April – May to when they return to their hibernaculum sites for the winter (September –

October). Each time a snake was tracked and located, GPS coordinates were recorded 

(UTM 17T, NAD83) as well as the pulse rate, which indicated snake body temperature. 

We also recorded habitat, and clinical signs of ophidiomycosis. Tracked snakes were 

processed once monthly. We recorded snout-vent length, tail-length, and mass. We 

also collected swabs from all captured snakes in 2017 and 2018 to test for O. 

ophiodiicola and examined each snake for clinical signs of ophidiomycosis (Table 3.1). 

Each snake was swabbed twice with two separate swabs (Puritan 3" Sterile Standard 

Cotton Swab w/Semi-Flexible Polystyrene Handle, 2019), swabbing ventrally and 
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dorsally along the length of the snake’s body (“body” swabs). If a snake exhibited 

lesions consistent with clinical signs of ophidiomycosis, we collected an additional two 

swabs, concentrating the swabs only on the dermal lesions (“lesion” swabs). We stored 

all swabs in lysis buffer at room temperature. Swabs were submitted to the Canadian 

Wildlife Health Centre (CWHC) offices in Guelph, Ontario for DNA extraction and a 

validated real-time polymerase chain reaction (qPCR) assay targeting O. ophiodiicola 

was performed (Allender et al. 2015, Bohuski et al. 2015). The precision and detection 

limit of the assays were evaluated based on a ten-fold standard curve dilution series of 

gDNA from 5 to 50,000 fg of DNA. Ophidiomyces ophiodiicola was considered present 

on a snake if DNA amplification occurred within 40 cycles (cyclic threshold (Ct); Bohuski 

et al. 2015). If amplification did not occur within 40 cycles, the samples were considered 

negative for O. ophiodiicola. 

 Firstly, we investigated whether snakes with ophidiomycosis have smaller or 

larger home ranges (i.e., use smaller or larger areas throughout the active season) than 

snakes without ophidiomycosis. We created minimum convex polygons (100% MCPs) 

for each individual (n = 34) tracked from 2013 – 2018 based on telemetry data using the 

adehabitatHR package from R (Calenge 2006), following the recommendations of Row 

& Blouin-Demers 2006)). Snakes with < 5 relocations per year were removed from 

statistical analyses (n = 3). A home range was created for each year the snake was 

tracked, for example, if the snake was alive from 2015 – 2018 then it would have 3 

home ranges. We compared the home range size of snakes that were or were not 

carrying the pathogen, O. ophiodiicola, as well as snakes with and without 

ophidiomycosis, using a Mann-Whitney U (Wilcoxon) test (Package stats version 3.5.1). 
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Clinical signs (lesions) are a strong predictor of O. ophiodiicola (Mckenzie et al 2019), 

and this field diagnosis was confirmed by histology and qPCR whenever possible, thus 

clinical signs are used as a proxy for the disease, ophidiomycosis. 

 Further, we examined the daily distance travelled by tracked snakes (trajectory) 

to determine if ophidiomycosis increases or reduces energy investment in movement, 

which is tied to foraging and mate-seeking. We used a linear mixed model (Package 

lme4 version 1.1-19) with the daily distance travelled for each snake tracked between 

2013 – 2018 (n = 32 snakes, 1605 relocations) as a function of clinical signs of 

ophidiomycosis and then O. ophiodiicola presence, using individual and year as random 

effects (Trajectory Model = lmer(Distance.per.Day ~ Clinical.Signs.or.Pathogen + (1|id) 

+ (1|year)). 

 We also investigated the association between habitat use and detection of O. 

ophiodiicola on P. vulpinus. Each time a snake was swabbed (2017 – 2018) we 

recorded the habitat type that the snake was found in: anthropogenic (buildings, roads 

etc.), dunes, forest, marsh, or savannah. Only “body” swabs (n = 124) were used in 

order to not duplicate individuals that also had “lesion” swabs. We used a Fisher’s Exact 

test to assess if swab pathogen result was independent of habitat type (fisher.test, 

Package stats version 3.5.1). In addition, we also compared CT values of positive 

swabs (n = 201) in each habitat to see if a particular habitat resulted in higher detection 

of the fungus, using a Fisher’s Exact test (fisher.test, Package stats version 3.5.1). 

 Using body condition as a proxy for fitness, we calculated body condition for 

each tracked P. vulpinus from 2013 – 2018 using a body condition index (BCI), which is 

a reliable indicator of fat reserves for snakes (Bonnet & Naulleau, 1994). First, we used 
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log-transformed mass and average snout-vent length (SVL) to estimate the parameters 

of a linear model. We used all captures for each individual where a mass was taken. 

Second, we used the model parameters to calculate residuals of measurements for all 

captures of all snakes. To avoid confounding effects on mass caused by developing 

embryos, we separated male and female snakes for separate analysis. To compare BCI 

of snakes with and without clinical signs of ophidiomycosis we ran a Gaussian general 

linear mixed model (Glmer, Package lme4 version 1.1-19) on male snakes and then 

female snakes, respectively (Model = lmer(eafo.residuals ~ eafo.Clinical.Signs + (1|ID) 

+ (1|Year), data = eafoM)). When analyzing female BCI, gravid status was controlled for 

as a fixed effect. Ovipositioning in diseased female snakes was compared to non-

diseased females (n = 15) using a Fisher’s Exact test (fisher.test, Package stats version 

3.5.1). 

 We analyzed the probability of a snake dying with and without ophidiomycosis. 

We did this by creating a multi-state-multi-fate model capture history in Rmark (Laake 

2013). Using tracked snakes from 2017 – 2018 (n = 17), we assigned a state for each 

processing event, once per month for a total of 10 months (May – September, 2017, 

2018). States were as follows: 0 = Unknown (i.e., before a snake was captured, as we 

did not know if a snake had lesions or not before first capture), D = Dead, L = Lesions 

(snakes with ophidiomycosis), H = Healthy (snakes without ophidiomycosis). This model 

provided us with the coefficient Psi, which is the likelihood of a snake transitioning from 

one state to another. 

 Further, we compared the cause of death between snakes with and without 

ophidiomycosis that died during the study period. Using necropsy results from the 
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Canadian Wildlife Health Cooperative we compared survivorship of snakes that were 

depredated or road-killed and used a Fisher’s Exact test (Fisher.test, Package stats 

version 3.5.1) to determine if there was a difference in disease prevalence in each 

group. P. vulpinus found live under coverboards during the same time period were used 

as a random sample of the population. Finally, we assessed the concordance in O. 

ophiodiicola detection between “body” and “lesion” swabs from individual P. vulpinus. 

Results 
There was no difference in home range size between P. vulpinus individuals with 

or without clinical signs of ophidiomycosis for the years 2013 – 2018 (df = 57, W = 393, 

p = 0.3291). Pantherophis vulpinus individuals that tested positive for O. ophiodiicola 

did, however, have larger home ranges than snakes that tested negative for the 

pathogen for the years 2017 – 2018 (df = 20, W = 90, p = 0.04). There was no 

difference in daily distance travelled between P. vulpinus individuals with or without 

clinical signs of ophidiomycosis for the years 2013 – 2018 (df = 1604, t-value = 0.166, p 

= 0.87). There was also no difference in daily distance travelled between P. vulpinus 

individuals that tested positive for O. ophiodiicola and those that had no O. ophiodiicola 

detected on their skin for the years 2017 – 2018 (df = 603, t-value = 1.519, p = 0.19). 

To investigate the prior result that snakes carrying the ophidiomycosis pathogen 

had larger home ranges than snakes without O. ophiodiicola, we looked at the types of 

habitats P. vulpinus were moving though. Swab result was not independent of habitat 

type (p = 0.037). Snakes that were swabbed in the marsh contributed to 52% of the 

positive swabs at RPP. When comparing CT values of positive swabs found in each 

habitat, marsh habitat has the widest spread of CT values (20 – 40). Marsh had the only 
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3 swabs positive for O. ophiodiicola, falling below a CT value of 25, which indicates a 

high level of detection. However, this difference in CT values was not significant among 

habitats (p > 0.05). 

Of 54 paired body and lesion swabs, fourteen pairs did not match (i.e., one swab 

tested positive and the other did not (Table 3.1). Twelve pairs contained a positive 

lesion swab and a negative body swab, while two exhibited the opposite pattern. 

The body condition index of male P. vulpinus were positively affected by 

ophidiomycosis during mid active season, ~ day 225 (df = 165, SE = 0.013, t-value = 

3.919, p = 0.000136; Fig 3.3). However, at the two points of time that we are concerned 

with – the time directly after emergence from overwintering and the time directly before 

returning to overwintering – there was no difference in BCI between snakes with or 

without the disease (df = 165, SE = 0.0001, t = 1.482, p = 0.140528; Fig 3.3). 

Ophidiomycosis did not affect BCI of female P. vulpinus (df = 104, SE = 0.032, t 

= 0.17, p = 0.71; Fig 3.3). Female snakes with and without the disease both emerged 

from and returned to overwintering at the same BCI, though mid active season (around 

day 200), snakes with clinical signs of ophidiomycosis had slightly higher BCI. We also 

observed successful oviposition in 3 of 9 female snakes showing clinical signs of 

ophidiomycosis, and in 2 of 6 female snakes that did not show clinical signs of the 

disease (p > 0.05). 

A multi-state-multi-fate survivorship model was selected out of 3 models, using 

AICc values (Table 3.2). The model had a constant survivorship in a single state, with 

different likelihoods of transitioning. Results from the survivorship analysis show that P. 

vulpinus were not more likely to die while having ophidiomycosis (10.1%, UCL: 21.8%, 
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LCL: 4.37%; Fig 3.4) compared to dying while otherwise healthy (3.3%, UCL: 12.2%, 

LCL: 0.83%; Fig 3.4). There was also an equal likelihood of snakes transitioning from 

healthy to diseased, as transitioning from diseased to healthy (25%). The proximate 

causes of death observed in our study were road mortality and depredation. Of the 21 

P. vulpinus that were found dead on roads between 2013 – 2018, only 2 individuals had 

ophidiomycosis (9.5%; Fig 3.5). In contrast, 6/8 depredated P. vulpinus had 

ophidiomycosis (75%; Figure 3.5). Snakes with ophidiomycosis were more likely to be 

depredated than snakes without ophidiomycosis (p = 0.0023). 

Discussion 
 Snakes with ophidiomycosis are not more likely to die than snake without the 

disease and having ophidiomycosis does not negatively affect the fitness of P. vulpinus 

in such a way that might affect population dynamics. P. vulpinus with ophidiomycosis do 

not exhibit drastically different movement patterns than snakes without the disease. 

Snakes with ophidiomycosis also do not have lower body condition indices than snakes 

without ophidiomycosis. In fact, several female P. vulpinus successfully reproduced. 

Most importantly, snakes are not more likely to die with ophidiomycosis when compared 

to snakes without the disease. However, snakes with ophidiomycosis may be more 

susceptible to depredation than snakes without the disease. 

We looked at MCP’s of tracked P. vulpinus, comparing snakes with clinical signs 

of ophidiomycosis and snakes without (Fig. 3.1). Infected snakes do not have smaller or 

larger home range sizes compared to uninfected snakes. Supporting this, is our finding 

that ophidiomycosis also does not affect the daily distance travelled by P. vulpinus (Fig 

3.2). This is a positive indication that fitness is not being affected, as it illustrates that 
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the disease is not changing the normal movement patterns of these snakes, suggestion 

that typical daily snake behaviour is occurring (i.e., foraging, searching for mates etc.). 

However, snakes on which O. ophiodiicola was detected (meaning that all snakes in this 

group did not necessarily have clinical signs) did have slightly larger home ranges than 

snakes that tested negative for O. ophiodiicola (Fig 3.1). Unfortunately, we are unable to 

completely disentangle if it is O. ophiodiicola that is causing snakes change their 

behaviours to have larger MCPs or if it is the larger MCPs of these snakes that are 

causing them to pick up O. ophiodiicola in their wider environment. Further studies 

should incorporate both specialist- and generalist- habitat snakes to compare 

prevalence of disease. Lab trials could also be designed to monitor snake movement in 

individuals before and after exposure to disease. 

When analyzing O. ophiodiicola prevalence in habitat to further understand the 

relationship between movement and pathogen, we found that swabs from the marsh 

contributed to the majority of all swabs that were positive for O. ophiodiicola. It is 

possible that the snakes with larger home ranges tend to move through marsh habitats 

more, and the marsh is either more conducive to fungal growth, or the marsh just has 

more of O. ophiodiicola ubiquitous in the environment. This is similar to what was found 

in the Southern USA, in which snakes inhabiting more aquatic habitats (ex., Nerodia 

sipedon) were more likely to test positive for O. ophiodiicola (Mckenzie et al 2019). 

Interestingly, P. vulpinus with ophidiomycosis have similar body condition to 

snakes without the disease. There was much overlap in the body conditions of both 

diseased and non-diseased individuals, especially in the specific time periods of interest 

– directly after emergence from overwintering, and directly before overwintering. When 
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looking at only male P. vulpinus snakes (Fig 3.2), body condition differed between 

diseased and non-diseased snakes midway through the active season during the time 

period for mating. At this point, male snakes with ophidiomycosis went from having a 

lower BCI than snakes that were otherwise healthy, to having a higher BCI during mid 

active season. Diseased male snakes could be more focused on molting to try to clear 

the fungus rather than expending energy looking for mates compared to healthy males. 

Mating usually happens late May – early June (~ Day 140 –161) (Willson & Brooks 

2006), which is where the largest drop in body condition is for un-diseased P. vulpinus. 

Similarly, female snake body condition (Fig 3.3) differed between snakes with and 

without ophidiomycosis, only during the oviposition period, which occurs in July (~ Day 

182 – 212) (Willson & Brooks 2006). Female snakes with ophidiomycosis did not 

experience the same drastic mass loss during the egg laying period and may indicated 

that the diseased snake are not carrying as many eggs and therefore have a higher BCI 

during this ovipositioning period. 

We observed successful oviposition in 3 of 9 female snakes showing clinical 

signs of ophidiomycosis, and in 2 of 6 female snakes that did not show clinical signs of 

the disease. Successful reproduction is often a major indicator of fitness (Shine 2003), 

demonstrating that these diseased females were not affected by ophidiomycosis to such 

an extent that they were unable to mate and develop eggs. Unfortunately, we were 

unable to tell what happened to the eggs as many snakes laying their eggs did not 

coincide with our tracking schedule. This leaves room for uncertainty as infection may 

cause a reduction in the number of eggs produced or the size of the egg. Reduction in 

clutch number or size of eggs could have implications for the resulting fitness of the 
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offspring. However, a recent study found that Pygmy Rattlesnakes (Sistrusrus miliarus) 

are able to reproduce viable offspring while affected with ophidiomycosis (Lind et al. 

2019). In contrast, there is also some evidence of vertical transmission of 

ophidiomycosis (Stengle et al. 2019), though this is only one laboratory test. This is an 

interesting avenue for further research and reproduction in diseased populations should 

be monitored. 

It is important to note that our results using pathogen swabs may be slightly 

conservative, as we noticed discrepancies among swab O. ophiodiicola detection taken 

from the same individual at one capture event (Table 3.1). ‘Positive “lesion” swab, 

negative “body” swab’ are much more common than ‘negative “lesion” swab, positive 

“body” swab’. In addition, the 14 paired swabs that fell into the category ‘negative “body” 

swab and negative “lesion” swab’ but did come from snakes with clinical signs of 

ophidiomycosis may represent snakes that have already cleared the pathogen, O. 

ophiodiicola, and have been able to mount a large enough shed response enough to 

clear the clinical signs of the disease (Lorch 2015), or perhaps they are just false 

negatives (Bohuski et al 2015). 

P.vulpinus at RPP are not more likely to die if they have ophidiomycosis, 

compared to snakes without the disease. Analysis shows that ophidiomycosis is not 

affecting P. vulpinus survivorship in RPP and that snakes can persist with this disease. 

This contradicts other studies which gave evidence for widespread mortality and 

morbidity in free ranging snakes (Clark et al. 2011; Allender et al. 2011; Dolinski et al. 

2014; Allender et al. 2015; Lorch et al. 2016). It is thought that the mechanism by which 

death occurs due to ophidiomycosis is multifactorial (Lorch et al. 2016), so it is possible 
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that these other populations that are seeing increased mortality may have another 

compounding variable(s) that is not currently affecting our study population in RPP. For 

example, the decline of a population of snakes thought to have ophidiomycosis was 

observed by Clark et al. (2011) and was pre-dated by high summer rainfall, so it is 

possible that high amounts of rainfall are linked to increased severity of ophidiomycosis. 

Ontario’s northern climate may prevent ophidiomycosis from increasing in severity due 

to the fungus growing better in warmer climates, like in more southern studies. The 

probability of a snake transitioning from having ophidiomycosis to not having the 

disease was the same as the probability of a snake transitioning from not having the 

disease to having ophidiomycosis. This illustrates that it is just as possible for a snake 

to clear clinical signs of ophidiomycosis as it is to become infected.  However, when 

comparing two causes of death: 1) road mortality and 2) predation, snakes with 

ophidiomycosis die from predation at a higher proportion than snakes without the 

disease (Fig 3.6). This may be caused by snakes with ophidiomycosis eliciting more 

risky behaviours, such as basking, which would make the snake more visible to 

predators such as racoons (Akcali et al 2019), particularly due to their high daytime 

presence at RPP. Interestingly, our movement results showed that snakes that test 

positive for O. ophiodiicola have larger home ranges, thus by moving through more new 

areas, snakes have a higher likelihood of coming into contact with predators. It is 

important to note P. vulpinus may not be found dead on roads quite as much as other 

snake species because P. vulpinus often climb trees to bask on limbs, rather than using 

the road for ambient heat like many other snake species (Willson & Committee on the 
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Status of Endangered Wildlife in Canada 2008). A different pattern may emerge if the 

study species was less arboreal. 

While ophidiomycosis may not be affecting the RPP population of P. vulpinus, it is 

important that monitoring continues. There is evidence that ophidiomycosis prevalence 

and severity may be exacerbated by events such as a large rainfall or changing 

population dynamics like inbreeding. Intense weather events are more likely to happen 

in our changing climate (Rosenzweig et al. 2001), and this may impact the severity and 

speed at which ophidiomycosis affects snakes. This highlights the need for monitoring 

snake fitness and O. ophiodiicola prevalence, if not only after events such as an 

extremely warm winter or very wet spring. Furthermore, if human disturbances continue 

to threaten snakes at Rondeau Provincial Park and decrease their population size 

through persecution and habitat loss, we may see that ophidiomycosis begins to affect 

smaller populations differently and perhaps more severely (Pongsiri et al. 2009).  

For now, however, ophidiomycosis does not seem to consistently pose a conservation 

concern to P. vulpinus in Southern Ontario. This is especially important considering this 

population of P. vulpinus is currently classified as endangered (Willson & Committee on 

the Status of Endangered Wildlife in Canada. 2008). Even though ophidiomycosis now 

affects this population, we now know that these snakes can endure this disease in a 

manner that is not currently causing them decline or negatively affect their fitness.  
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Table 3.1: Swabs collected from 84 individual Pantherophis vulpinus at Rondeau Provincial Park (2017 – 2018) to test for 

the pathogen causing ophidiomycosis, O. ophiodiicola. Some individuals were sampled more than once. We examined 

each snake for clinical signs of ophidiomycosis. Each snake was swabbed along its full length, both ventrally and dorsally 

(“BODY” swabs). If a snake exhibited lesions consistent with clinical signs of ophidiomycosis, we collected additional 

swabs, concentrating the swabs only on the dermal lesions (“LESION” swabs). Using quantitative PCR, each swab was 

analyzed to determine if O. ophiodiicola could be detected. Detection limit for this test is considered at an inverse cycle 

threshold (Ct) = 40 (i.e., samples with lower Ct values contain more O. ophiodiicola DNA). POS (+) samples indicate that 

O. ophiodiicola was detected below the (Ct) value of 40. NEG (-) samples indicate that O. ophiodiicola was not detected at 

all. Includes recaptures. 

 

  

# of swabs with ONLY BODY 

swabs (no clinical signs) 

# of swabs with BODY + LESION swabs (clinical signs) 

POS (+) NEG (-) BODY (+) 

/LESION (+) 

BODY (-)/ 

LESION (-) 

BODY (+)/ 

LESION (-) 

BODY (-)/ 

LESION (+) 

6 73 12 28 2 12 

Total = 79 Total = 54 (x 2 for paired swabs) = 108 

Total = 187 



 48 

Table 3.2: Multi-state-multi-fate model selection for a Pantherophis vulpinus population 

(n = 17) at Rondeau Provincial Park exposed to ophidiomycosis. Variables: S = 

survivorship, Stratum = state that the snake is in (healthy, diseased, or dead), Psi = 

probability of a snake switching states (ie. healthy to diseased or diseased to dead), and 

p = probability of a snake staying in one state. The best model was selected using AICc 

values. 

Rank Model AICc Npar 

2 S(~-1 + stratum)p(~1)Psi(~-1 + stratum:tostratum) 188.5649 7 

1 S(~1)p(~1)Psi(~-1 + stratum:tostratum)  186.9161 6 

3 S(~-1 + stratum)p(~1)Psi(~1) 196.0718 4 
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Figure 3.1: Boxplots depicting home ranges using minimum convex polygons (MCPs) of tracked Pantherophis vulpinus. 

Each boxplot represents a different category of tracked snakes based on Ophidiomyces ophiodiicola detection (n = 21) 

and clinical signs (n = 58). Year and individual were controlled for as random effect. Asterisk indicates significance (p < 

0.05). 

* 



 50 

 

Figure 3.2: Boxplots depicting daily distance travelled (trajectories) of tracked Pantherophis vulpinus. Each boxplot 

represents a different grouping of tracked snakes based on their clinical signs and Ophidiomyces ophiodiicola detection. 

Year and individual were controlled for as random effects. 
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Figure 3.3: ‘F’ plot illustrates trends of Body Condition Index (BCI) in female tracked P. 

vulpinus throughout the active season (May – October) over 5 years. ‘M’ plot illustrates 

trends of BCI in male tracked P. vulpinus throughout the active season (May – October) 

over 5 years. Snakes were split into two categories based on presence of clinical signs 

of ophidiomycosis at the point of weighing. Year and individual were controlled for as 

random effects. 
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Figure 3.4: Multi-state-multi-fate model plot illustrating the probability (Psi) of a snake 

dying while having ophidiomycosis (“Diseased to Dead”) compared to dying while 

otherwise healthy (i.e., without ophidiomycosis clinical signs; “Healthy to Dead”). Error 

bars represent 95% confidence intervals. 
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Figure 3.5: Prevalence of ophidiomycosis in road-killed, depredated, and live 

(coverboard detections) Pantherophis vulpinus at Rondeau Provincial Park, Ontario 

(2017 – 2018) *** indicates p < 0.001. 

  

*** 

No ophidiomycosis Ophidiomycosis 
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Chapter 4 – Conclusion 

 
Ophidiomycosis is a fungal disease that causes mortality in some snakes but not 

all. Since being described as a conservation concern (Sutherland et al. 2014), there is 

no evidence to support that ophidiomycosis, caused by the fungal pathogen 

Ophidiomyces ophiodiicola, is a driver of snake population declines. Unlike populations 

of amphibians that have undergone population declines during outbreaks of 

chytridiomycosis (Bradley et al 2002, Skerratt et al 2007, Martel et al 2013), the 

population of Pantherophis vulpinus we studied in RPP did not experience a wide 

spread mortality event, even though many snakes had ophidiomycosis. This indicates 

that SFD may not be as large a conservation concern as initially suggested (Sutherland 

et al. 2014). Referring back to the disease triangle from Chapter 1, I used all three 

aspects of this model to address ophidiomycosis in Rondeau Provincial Park; host, 

pathogen, and environment (Wobeser 2006, James et al. 2015).  

 In Chapter 2, I found that P. vulpinus, an at-risk species in Ontario, has the 

highest prevalence of the pathogen, O. ophiodiicola, and clinical signs of 

ophidiomycosis. The eastern foxsnake is the most susceptible host in the park to 

ophidiomycosis, among 7 snake species. This did not mean that P. vulpinus have no 

chance for survival once they become diseased. In fact, my results show that P. 

vulpinus, can resolve not only lesions associated with the disease, but the disease-

causing pathogen as well, over the active season. In addition, our study addresses the 

lack of multi-species assessments of ophidiomycosis, providing a wider understanding 

of species susceptibility. Further, Chapter 3 exemplified that ophidiomycosis does not 
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negatively affect the fitness of the host, P. vulpinus. Snakes with ophidiomycosis were 

not more likely to die than snakes without the disease. Ophidiomycosis also did not 

have a significant effect on the movement patterns, body condition, or oviposition of 

these snakes. 

In Chapter 2, I analyzed the seasonal pattern of the pathogen that causes 

ophidiomycosis, O. ophiodiicola. I continued to support its seasonal pattern in relation to 

overwintering. Spring swabs (i.e., right after emergence from overwintering) consistently 

yielded higher O. ophiodiicola prevalence than any other time during the active season. 

This has monitoring and applied conservation implications, as swabbing for O. 

ophiodiicola is currently the predominant method for monitoring ophidiomycosis 

prevalence across North America and Europe (Hileman et al 2017). Depending on what 

time during the season someone swabs for O. ophiodiicola, detection may be either 

conservative or overinflated. I suggest monitoring throughout the active season for 

species that overwinter, emphasizing swabbing right after emergence and before 

returning to overwintering. Much more work needs to be done to understand the 

relationship between ophidiomycosis and overwintering. This chapter suggested that 

there may be some evidence of ophidiomycosis being transmitted between snakes 

during overwintering, exhibited by snakes that enter overwintering hibernacula without 

ophidiomycosis, only to emerge with the disease. Future work should include the testing 

of multiple hibernacula environments and emergent snakes for O. ophiodiicola. 

Lastly, we investigated the environmental aspect of the disease triangle when 

analyzing movement patterns of our host snakes in Chapter 3. Once snakes were 

diseased, they did not have larger home ranges than snakes without the disease. 
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However, snakes that tested positive for O. ophiodiicola, meaning that they did not 

necessarily have clinical signs of the disease, did have larger home ranges. This 

presents opportunity for future research because we do not know if it is O. ophiodiicola 

causing snakes to change their behaviour and move more or if it is the larger 

movements that are exposing snakes to O. ophiodiicola. Preliminary results showed 

that marsh habitats may have higher prevalence of O. ophiodiicola, further suggesting, 

as McKenzie et al. (2019) did, a link between aquatic habitats and ophidiomycosis. 

Further distribution studies we be required to understand the relationship between 

environment and pathogen/host. 

 Ophidiomycosis does not represent a current threat to the endangered 

population of P. vulpinus at Rondeau Provincial Park. However, this population should 

be continued to be monitored for prevalence of this disease, and to ensure that much of 

the P. vulpinus population continues to resolve instances of the disease over the active 

season. As one of only a few P. vulpinus populations left in Canada (Willson & 

Committee on the Status of Endangered Wildlife in Canada 2008), it is of utmost 

importance to safeguard the biodiversity these snakes provide, especially in the current 

context of climate change. Any type of extreme weather event could trigger or contribute 

to occurrence of disease. As ophidiomycosis continues to be recognized in different 

snake populations worldwide, more long-term studies are needed, such as this one. We 

encourage the continued use of swabbing for O. ophiodiicola as well as confirming 

disease with clinical signs and histology. In addition, we recommend more than just one 

field season of studying a population for ophidiomycosis to determine fitness effects as 

disease prevalence changes cyclically. These types of longer term studies should be 
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implemented to understand the impact, if any, ophidiomycosis is having from a 

conservation perspective, so we can make proper management decisions and allocate 

resources to the most pressing conservation needs. 

  



 58 

References 
Akcali CK, Pérez-Mendoza HA, Salazar-Valenzuela D, Kikuchi DW, Guayasamin JM, 

Pfennig DW. 2019. Evaluating the utility of camera traps in field studies of 
predation. PeerJ 7: 6487. 

 
Allain SJR, Duffus ALJ. 2019. Emerging infectious disease threats to European 

herpetofauna 29:189–206. 
 
Allender MC, Baker S, Britton M, Kent AD. 2018. Snake fungal disease alters skin 

bacterial and fungal diversity in an endangered rattlesnake. Scientific Reports 
8:12147. 

 
Allender MC, Dreslik M, Wylie S, Phillips C, Wylie DB, Maddox C, Delaney MA, Kinsel 

MJ. 2011. Chrysosporium sp. infection in eastern massasauga rattlesnakes. 
Emerging Infectious Diseases 17:2383–2384. 

 
Allender MC, Dreslik MJ, Wylie DB, Wylie SJ, Scott JW, Phillips CA. 2013. Ongoing 

Health Assessment and Prevalence of Chrysosporium in the Eastern Massasauga 
(Sistrurus catenatus catenatus). Copeia 2013:97–102. 

 
Allender MC, Junge RE, Baker-Wylie S, Hileman E, Faust L, Cray C. 2015a. Plasma 

Electrophoretic Profiles in the Eastern Massasauga (Sistrurus Catenatus) and 
Influences of Age, Sex, Year, Location, and Snake Fungal Disease. Journal of zoo 
and wildlife medicine 46:767–773. 

 
Allender M. C., Phillips CA, Baker SJ, Wylie DB, Narotsky A, & Dreslik MJ. 2016. 

Hematology in an eastern massasauga (Sistrurus catenatus) population and the 
emergence of Ophidiomyces in Illinois, USA. Journal of wildlife diseases 52(2): 
258–269.  

 
Allender MC, Raudabaugh DB, Gleason FH, Miller AN, Fisher M. 2015b. The natural 

history, ecology, and epidemiology of Ophidiomyces ophiodiicola and its potential 
impact on free-ranging snake populations. Fungal Ecology 17:187–196. 

 
Acevedo-Whitehouse K, Gulland F, Greig D, Amos W. 2003. Inbreeding: disease 

susceptibility in California sea lions. Nature. 422(6927):35. 
 
Barker JS. 2009. Defining fitness in natural and domesticated populations. In adaptation 

and fitness in animal populations. 3-13. Springer, Dordrecht. 
 
Berger L, Roberts AA, Voyles J, Longcore JE, Murray KA, Skerratt LF. 2015. 

ScienceDirect History and recent progress on chytridiomycosis in amphibians. 
Fungal Ecology 19:89–99. 

 
Blehert DS, Hicks AC, Behr M, Meteyer CU, Berlowski-Zier BM, Buckles EL, Coleman 

JT, Darling SR, Gargas A, Niver R, Okoniewski JC, Rudd RJ, Stone WB. 2009. Bat 



 59 

white-nose syndrome: an emerging fungal pathogen? Science 323:227.  
 
Bohuski E, Lorch JM, Griffin KM, Blehert DS. 2015. TaqMan real-time polymerase chain 

reaction for detection of Ophidiomyces ophiodiicola, the fungus associated with 
snake fungal disease. BMC Veterinary Research 11:95. 

 
Bouma HR, Carey H V, Kroese FGM. 2010. Hibernation: the immune system at rest? 

Journal of leukocyte biology 88:619–24. 
Böhm M et al. 2013. The conservation status of the world’s reptiles. Biological 

Conservation 157:372–385.  
 
Bradley GA, Rosen PC, Sredl MJ, Jones TR, Longcore JE. 2002. Chytridiomycosis in 

native Arizona frogs. Journal of Wildlife Diseases. 38(1):206–12. 
 
Calenge C. 2006. The package “adehabitat” for the R software: a tool for the analysis of 

space and habitat use by animals. Ecological modelling 197(3-4): 516-519. 
 
Ceballos G, Ehrlich PR, Dirzo R. 2017. Biological annihilation via the ongoing sixth 

mass extinction signaled by vertebrate population losses and declines. 
Proceedings of the National Academy of Sciences of the United States of America 
114:E6089–E6096. 

 
Chandler HC, Allender MC, Stegenga BS, Haynes E, Ospina E, Stevenson DJ. 2019. 

Ophidiomycosis prevalence in Georgia’s Eastern Indigo Snake (Drymarchon 
couperi) populations. PLOS ONE 14:e0218351. 

 
Cheatwood JL, Jacobson, ER, May PG, Farrell TM, Homer BL, Samuelson DA, 

Kimbrough JW. 2003. An outbreak of fungal dermatitis and stomatitis in a free-
ranging population of pigmy rattlesnakes (Sistrurus miliarius barbouri) in Florida. 
Journal of wildlife diseases 39(2): 329–337.  

 
Clark RW, Marchand MN, Clifford BJ, Stechert R, Stephens S. 2011. Decline of an 

isolated timber rattlesnake (Crotalus horridus) population: Interactions between 
climate change, disease, and loss of genetic diversity. Biological Conservation 
144:886–891.  

 
Cryan PM, Meteyer C, Boyles JG, Blehert DS. 2010. Wing pathology of white-nose 

syndrome in bats suggests life-threatening disruption of physiology. BMC Biology 
8:135. 

 
Daszak P, Cunningham AA, Hyatt AD. 2000. Emerging infectious diseases of wildlife--

threats to biodiversity and human health. Science 287:443–9.  
 
Demetrius L, Ziehe M. 2007. Darwinian fitness. Theoretical Population Biology 72:323–

345. 
 



 60 

Dolinski AC, Allender MC, Hsiao V, Maddox CW. 2014. Systemic Ophidiomyces 
ophiodiicola Infection in a Free-Ranging Plains Garter Snake (Thamnophis radix). 
Journal of Herpetological Medicine and Surgery 24:7. 

 
Fisher MC, Henk DA, Briggs CJ, Brownstein JS, Madoff LC, McCraw SL, Gurr SJ. 2012. 

Emerging fungal threats to animal, plant and ecosystem health. Nature 484:186–
194. 

 
Franklinos LH, Lorch JM, Bohuski E, Fernandez JRR, Wright ON, Fitzpatrick L, 

Petrovan S, Durrant C, Linton C, Baláž V, Cunningham AA. 2017. Emerging fungal 
pathogen Ophidiomyces ophiodiicola in wild European snakes. Scientific Reports 
7:3844. 

 
Gibbons JW, Scott DE, Ryan TJ, Buhlmann KA, Tuberville TD, Metts BS, Greene, JL, 

Mills T, Leiden Y, Poppy S, Winne CT. 2000. The global decline of reptiles , Déjà 
Vu Amphibians. BioScience 50:653–666. 

 
Glorioso BM, Waddle JH, Green DE, Lorch JM. 2016. Notes of the First Documented 

Case of Snake Fungal Disease in a Free- ranging Wild Snake in Louisiana :4–6. 
 
Gregory PT. 1982. Reptilian hibernation. Biology of the Reptilia 13: 53–154. 
 
Guthrie AL, Knowles S, Ballmann AE, Lorch JM. 2016. Detection of snake fungal 

disease due to Ophidiomyces ophiodiicola in Virginia, USA. Journal of Wildlife 
Diseases 52. 

 
Harvell CD, Mitchell CE, Ward JR, Altizer S, Dobson AP, Ostfeld RS, Samuel MD. 

2002. Climate warming and disease risks for terrestrial and marine biota. Science 
296(5576):2158-62. 

 
Hileman ET, Allender MC, Bradke DR, Faust LJ, Moore JA, Ravesi MJ, Tetzlaff SJ. 

2018. Estimation of Ophidiomyces Prevalence to Evaluate Snake Fungal Disease 
Risk. The Journal of Wildlife Management 82:173–181. 

 
Hill AJ, Leys JE, Bryan D, Erdman FM, Malone KS, Russell GN, Applegate RD, Fenton 

H, Niedringhaus K, Miller AN, Allender MC, Walker DM. 2018. Common Cutaneous 
Bacteria Isolated from Snakes Inhibit Growth of Ophidiomyces ophiodiicola. 
EcoHealth 15:109–120.  

 
Hileman ET, Allender MC, Bradke DR, Faust LJ, Moore JA, Ravesi MJ, Tetzlaff SJ. 

2017. Estimation of Ophidiomyces prevalence to evaluate snake fungal disease 
risk. The Journal of Wildlife Management 82(1):173-81. 

 
Hughes TP. 1994. Catastrophes, phase shifts, and large-scale degradation of a 

Caribbean coral reef. Science 265:1547–51. 
 



 61 

James TY, Toledo LF, Rodder D, da Silva Leite D, Belasen AM, Betancourt-Roman CM, 
Jenkinson TS, Soto-Azat C, Lambertini C, Longo AV. Ruggeri J, Collins JP, 
Burrowes PA, Lips K, Zamudio KR. 2015. Disentangling host, pathogen, and 
environmental determinants of a recently emerged wildlife disease: lessons from 
the first 15 years of amphibian chytridiomycosis research. Ecology and Evolution 
5:4079–4097. 

 
James TY, Litvintseva AP, Vilgalys R, Morgan JA, Taylor JW, Fisher MC, Berger L, 

Weldon C, du Preez L, Longcore JE. 2009. Rapid global expansion of the fungal 
disease chytridiomycosis into declining and healthy amphibian populations. PLoS 
pathogens, 5(5). 

 
Johnson ML, Berger L, Philips L, Speare R. 2003. Fungicidal effects of chemical 

disinfectants, UV light, desiccation and heat on the amphibian chytrid 
Batrachochytrium dendrobatidis. Diseases of aquatic organisms, 57(3): 255–260. 

 
Jones KE, Patel NG, Levy MA, Storeygard A, Balk D, Gittleman JL, Daszak P. 2008. 

Global trends in emerging infectious diseases. Nature 451:990–3. 
 
Kriger KM, Hero J-M. 2006. Large-scale seasonal variation in the prevalence and 

severity of chytridiomycosis. Journal of Zoology 271(3): 352–359. 
 
Laake J. 2013. RMark: An R Interface for Analysis of Capture-Recapture Data with 

MARK.  
 
Last LA, Fenton H, Gonyor-mcguire J, Moore M, Yabsley MJ. 2016. Snake fungal 

disease caused by Ophidiomyces ophiodiicola in a free-ranging mud snake 
(Farancia abacura). Journal of Veterinary Diagnostic Investigation 28(6):709–713. 

 
Lind CM, Clark A, Smiley-Walters SA, Taylor DR, Isidoro-Ayza M, Lorch JM, Farrell TM. 

2019. Interactive Effects of Food Supplementation and Snake Fungal Disease on 
Pregnant Pygmy Rattlesnakes and Their Offspring. Journal of Herpetology 53:282. 

 
Lind C, Moore IT, Akçay Ç, Vernasco BJ, Lorch JM, Farrell TM. 2018. Patterns of 

circulating corticosterone in a population of rattlesnakes afflicted with snake fungal 
disease: Stress hormones as a potential mediator of seasonal cycles in disease 
severity and outcomes. Physiological and Biochemical Zoology 91:765–775. 

 
Lips K. 1991. Vertebrates Associated with Tortoise (Gopherus polyphemus) Burrows in 

Four Habitats in South-Central Florida. Journal of Herpetology 25(4): 477–481.  
 
Lorch JM, Knowles S, Lankton JS, Michell K, Edwards JL, Kapfer JM, Staffen RA, Wild 

ER, Schmidt KZ, Ballmann AE, Blogett D. Farrell TM, Glorioso BM, Last LA, Price 
SJ, Schuler KL, Smith CE, Wellehan JFX, Blehert DS. 2016. Snake fungal disease: 
an emerging threat to wild snakes. Philosophical transactions of the Royal Society 
of London. Series B, Biological sciences 371. 



 62 

  
Lorch JM, Lankton J, Werner K, Falendysz EA, McCurley K, Blehert DS. 2015. 

Experimental infection of snakes with Ophidiomyces ophiodiicola causes 
pathological changes that typify snake fungal disease. mBio 6:e01534-15. 

 
Lugo MA, González Maza ME, Cabello MN. 2003. Arbuscular mycorrhizal fungi in a 

mountain grassland II: Seasonal variation of colonization studied, along with its 
relation to grazing and metabolic host type. Mycologia 95(3): 407-415. 

 
Lydeard C, Cowie RH, Ponder WF, Bogan AE, Bouchet P, Clark SA, Cummings KS, 

Frest TJ, Gargominy O, Herbert DG, Hershler R. Perez KE, Roth B, Seddon M, 
Strong EE, Thompson FG. 2004. The Global Decline of Nonmarine Mollusks. 
BioScience 54:321–330. 

 
Martel A, Spitzen-van der Sluijs A, Blooi M, Bert W, Ducatelle R, Fisher MC, Woeltjes A, 

Bosman W, Chiers K, Bossuyt F, Pasmans F. 2013. Batrachochytrium 
salamandrivorans sp. nov. causes lethal chytridiomycosis in amphibians. 
Proceedings of the National Academy of Sciences. 110(38):15325-9. 

 
Meier G, Notomista T, Marini D, Ferri V. 2018. First case of Snake Fungal Disease 

affecting a free-ranging Natrix natrix (Linnaeus, 1758) in Ticino Canton, 
Switzerland. Herpetology Notes 11: 885–891. 

 
McBride MP, Wojick KB, Georoff TA, Kimbro J, Garner MM, Wang X, Childress AL, 

Wellehan JFX. 2015. Ophidiomyces Ophiodiicola Dermatitis in eight free-ranging 
timber rattlesnakes (Crotalus Horridus) from Massachusetts. Journal of Zoo and 
Wildlife Medicine 46:86–94. 

 
McCoy CM, Lind CM, Farrell TM. 2017. Environmental and physiological correlates of 

the severity of clinical signs of snake fungal disease in a population of pigmy 
rattlesnakes, Sistrurus miliarius. Conservation Physiology 5(1). 

 
McKenzie JM, Price SJ, Fleckenstein JL, Drayer AN, Connette GM, Bohuski E, Lorch 

JM. 2019. Field Diagnostics and Seasonality of Ophidiomyces ophiodiicola in Wild 
Snake Populations. EcoHealth 16:141–150.  

 
Moore D, Robson GD, Trinci APJ. 2011. 21st century guidebook to fungi. Cambridge 

University Press. 
 
Morse SS. 1995. Factors in the emergence of infectious diseases. Emerging infectious 

diseases 1:7–15. 
 
National Centers for Environmental Information, National Environmental Satellite, Data, 

and Information Service. 2018a. January 2018 monthly climatic data for the world. 
NOAA, Asheville, North Carolina, USA 17:1. 

 



 63 

National Centers for Environmental Information, National Environmental Satellite, Data, 
and Information Service. 2018b. July 2018 monthly climatic data for the world. 
NOAA, Asheville, North Carolina, USA 17:7. 

 
Nelson RJ, Demas GE. 1996. Seasonal changes in immune function. The Quarterly 

review of biology. 71(4):511-48. 
 
Paré JA, Sigler L. 2016. An overview of reptile fungal pathogens in the genera 

Nannizziopsis, Paranannizziopsis, and Ophidiomyces. Journal of Herpetological 
Medicine and Surgery 26:46–53. 

 
Pietikäinen J, Pettersson M, Bååth E. 2005. Comparison of temperature effects on soil 

respiration and bacterial and fungal growth rates. FEMS microbiology ecology, 
52(1): 49-58. 

 
Price SJ, Oldham CR, Boys WM, Fleckenstein LJ. 2016. First record of snake fungal 

disease in Kentucky. Journal of the Kentucky Academy of Science 76:47–49. 
 
Rajeev S, Sutton DA, Wickes BL, Miller DL, Giri D, Van Meter M, Thompson EH, Rinaldi 

MG, Romanelli AM, Cano JF, Guarro J. 2009. Isolation and characterization of a 
new fungal species, Chrysosporium ophiodiicola, from a mycotic granuloma of a 
black rat snake (Elaphe obsoleta obsoleta). Journal of Clinical Microbiology 
47:1264–1268. 

 
Ravesi MJ, Tetzlaff SJ, Allender MC, Kingsbury BA. 2016. Notes of the Northeastern 

Detection of Snake Fungal Disease from a Lampropeltis triangulum (Eastern 
Milksnake) in Northern Michigan:2001–2004. 

 
Pongsiri MJ, Roman J, Ezenwa VO, Goldberg TL, Koren HS, Newbold SC, Ostfeld RS, 

Pattanayak SK, Salkeld DJ., 2009. Biodiversity loss affects global disease ecology. 
Bioscience 59(11): 945–954. 

 
Rosenberg KV, Dokter AM, Blancher PJ, Sauer JR, Smith AC, Smith PA, Stanton JC, 

Panjabi A, Helft L, Parr M, Marra PP. 2019. Decline of the North American 
avifauna. Science 366(6461):120-4. 

 
Rosenzweig C, Iglesius A, Yang XB, Epstein PR, Chivian E. 2001. Climate change and 

extreme weather events-Implications for food production, plant diseases, and 
pests. Global Change & Human Health 2. 

 
Row JR, Blouin-Demers G. 2006. Kernels Are Not Accurate Estimators of Home-range 

Size for Herpetofauna. The American Society of Ichthyologists and Herpetologists. 
2006:797–802. 

 
RStudio Team. 2015. RStudio: Integrated Development for R. RStudio, Inc., Boston, MA 

URL http://www.rstudio.com/. 



 64 

 
Shine R. 2003. Reproductive strategies in snakes. Proceedings of the Royal Society of 

London. Series B: Biological Sciences 270:995–1004. 
 
Skerratt LF, Berger L, Speare R, Cashins S, McDonald KR, Phillott AD, Hines HB, 

Kenyon N. 2007. Spread of chytridiomycosis has caused the rapid global decline 
and extinction of frogs. EcoHealth 4:125–134. 

 
Sodhi NS, Bickford D, Diesmos AC, Lee TM, Koh LP, Brook BW, Sekercioglu CH, 

Bradshaw CJA. 2008. Measuring the Meltdown: Drivers of Global Amphibian 
Extinction and Decline. PLoS ONE 3:e1636. 

 
Stengle A. 2018. Habitat selection, connectivity, and population genetics of a Timber 

Rattlesnake (Crotalus horridus) metapopulation in southwestern Massachusetts 
and New England. PhD Thesis. UMassAmherst.  

 
Stengle AG, Farrell TM, Freitas KS, Lind CM, Price SJ, Butler BO, Tadevosyan T, 

Isidoro-Ayza M, Taylor DR, Winzeler M, Lorch JM. 2019. Evidence of Vertical 
Transmission of the Snake Fungal Pathogen Ophidiomyces ophiodiicola. Journal of 
wildlife diseases. 55(4):961-4. 

 
Sutherland WJ, Aveling R, Brooks TM, Clout M, Dicks LV, Fellman L, Fleishman E, 

Gibbons DW, Keim B, Lickorish F, Monk KA. 2014. A horizon scan of global 
conservation issues for 2014. Trends in ecology & evolution. 29(1):15-22. 

 
Tetzlaff SJ, Ravesi MJ, Allender MC, Carter ET, DeGregorio BA, Josimovich JM. 2017. 

Snake Fungal Disease Affects Behavior of Free-ranging Massasauga Rattlesnakes 
(Sistrurus catenatus). Herpetological Conservation and Biology 12:624–634. 

 
Tetzlaff S, Allender MC, Ravesi M, Smith J, Kingsbury B. 2015. First report of snake 

fungal disease from Michigan, USA involving Massasaugas, Sistrurus catenatus 
(Rafinesque 1818). Herpetology Notes 8:31–33. 

 
Todd BD, Willson JD, Gibbons JW. 2010. The Global Status of Reptiles and Causes of 

Their Decline :73–94. 
 
Tompkins DM, Dunn AM, Smith MJ, Telfer S. 2011. Wildlife diseases: from individuals 

to ecosystems. Journal of Animal Ecology. 80(1):19-38. 
 
Trinkel M, Cooper D, Packer C, Slotow R. 2011. Inbreeding depression increases 

susceptibility to bovine tuberculosis in lions: an experimental test using an inbred–
outbred contrast through translocation. Journal of wildlife diseases. 47(3):494–500. 

 
Vander Wal E, Garant D, Pelletier F. 2014. Evolutionary perspectives on wildlife 

disease: concepts and applications. Evolutionary applications. 7(7):715-22. 
 



 65 

Vissiennon T, Schuppel K-F, Ullrich E, Kuijpers AFA. 1999. Case Report. A 
disseminated infection due to Chrysosporium queenslandicum in a garter snake 
(Thamnophis). Mycoses 42:107–110.  

 
Williams ES, Yuill T, Artois M, Fischer J, Haigh SA. 2002. Emerging infectious diseases 

in wildlife. Revue scientifique et technique (International Office of Epizootics) 
21:139–57.  

 
Willson R, Committee on the Status of Endangered Wildlife in Canada. 2008. 

COSEWIC assessment and update status report on the eastern foxsnake, Elaphe 
vulpinus, Carolinian population, Great Lakes/St. Lawrence population, in Canada. 
Committee on the Status of Endangered Wildlife in Canada.  

 
Willson RJ, Brooks RJ. 2006. Thermal Biology of Reproduction in Female Eastern 

Foxsnakes (Elaphe vulpinus). Journal of Herpetology 40:285–289. 
 
Wobeser GA. 2006. Essentials of Disease in Wild Animals. Blackwell Publishing, Ames, 

IA. 



 66 

Appendix 

Table 1. Ophidiomyces ophiodiicola qPCR results from snakes swabbed at Rondeau 

Provincial Park, ON, Canada. Swabs/biopsies were processed at the Canadian Wildlife 

Health Cooperative in Guelph, ON, Canada and results were provided thereafter. 

Species codes are as follows: BRSN- Dekay’s Brownsnake (Storeria dekayi), EAFO- 

Eastern Foxsnake (Pantherophis vulpinus), GASN- Eastern Gartersnake (Thamnophis 

sirtalis sirtalis), HOSN- Eastern Hognose Snake (Heterodon platirhinos), RISN- Eastern 

Ribbonsnake (Thamnophis sauritus), RNSN- Northern Ring-neck Snake (Diadophis 

punctatus), WASN- Northern Watersnake (Nerodia sipedon sipedon). Ophidiomyces 

ophiodiicola was considered present on a snake if DNA amplification occurred within 40 

cycles (POS; cyclic threshold (Ct)). If amplification did not occur within 40 cycles, the 

samples were considered negative (NEG) for O. ophiodiicola. If a sample had a Ct 

value of 40, then it was deemed inconclusive.
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LABEL DATE SAMPLE TYPE RESULT (CT VALUE) 

GASN9.5.17A 9-May-17 swab not detected 

GASN9.5.17B 9-May-17 swab not detected 

GASN9.5.17C 9-May-17 swab not detected 

GASN9.5.17D 9-May-17 swab not detected 

GASN9.5.17E 9-May-17 swab not detected 

GASN9.5.17F 9-May-17 swab not detected 

GASN9.5.17G 9-May-17 swab not detected 

GASN9.5.17H 9-May-17 swab not detected 

EAFO10.5.17A 10-May-17 swab inconclusive 

EAFO10.5.17A-LES 10-May-17 swab POS (35.48) 

EAFO-LALIB12.5.17 REMAINS/FECES 10-May-17 other POS (37.37) 

GASN11.5.17A 11-May-17 swab not detected 

GASN11.5.17B 11-May-17 swab not detected 

GASN11.5.17B-LES 11-May-17 swab not detected 

GASN11.5.17C 11-May-17 swab not detected 

GASN11.5.17D 11-May-17 swab not detected 

GASN11.5.17E 11-May-17 swab not detected 

GASN11.5.17F 11-May-17 swab not detected 

GASN11.5.17G 11-May-17 swab not detected 

GASN11.5.17H 11-May-17 swab not detected 

GASN11.5.17I 11-May-17 swab not detected 

EAFO12.5.17A 12-May-17 swab not detected 

EAFO12.5.17A-LES 12-May-17 swab inconclusive 

EAFO12.5.17B 12-May-17 swab not detected 

EAFO12.5.17B-LES 12-May-17 swab POS (33.85) 

EAFO12.5.17C 12-May-17 swab inconclusive 

EAFO12.5.17C-LES 12-May-17 swab inconclusive 

EAFO-NONON FROM VET SCALE PULLED FROM 
EYE 15.5.17 

12-May-17 biopsy POS (21.50) 

GASN12.5.17A 12-May-17 swab not detected 

EAFO23.5.17C 17-May-17 swab not detected 

EAFO18.5.17A 18-May-17 swab POS (37.96) 

EAFO18.5.17A-LES 18-May-17 swab POS (39.5) 

EAFO18.5.17B 18-May-17 swab inconclusive 

EAFO18.5.17B-LES 18-May-17 swab POS (36.2) 

EAFO18.5.17C 18-May-17 swab not detected 

EAFO18.5.17C-LES 18-May-17 swab POS (37.82) 

EAFO18.5.17D 18-May-17 swab not detected 

EAFO18.5.17D-LES 18-May-17 swab not detected 

EAFO19.5.17A 19-May-17 swab not detected 
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GASN19.5.17A 19-May-17 swab not detected 

EAFO20.5.17A 20-May-17 swab not detected 

EAFO23.5.17A 23-May-17 swab POS (38.78) 

EAFO23.5.17A-LES 23-May-17 swab POS (33.95) 

EAFO23.5.17B 23-May-17 swab POS (37.23) 

EAFO25.5.17A 25-May-17 swab not detected 

EAFO26.5.17A-LES 25-May-17 swab POS (35.26) 

GASN25.5.17A 25-May-17 swab not detected 

GASN25.5.17AA 25-May-17 swab not detected 

GASN25.5.17B 25-May-17 swab not detected 

GASN25.5.17C 25-May-17 swab not detected 

RISN25.5.17A 25-May-17 swab not detected 

EAFO26.5.17B 26-May-17 swab not detected 

GASN30.5.17A 30-May-17 swab not detected 

GASN30.5.17B 30-May-17 swab not detected 

GASN30.5.17C 30-May-17 swab not detected 

GASN30.5.17C-LES 30-May-17 swab not detected 

GASN30.5.17D 30-May-17 swab not detected 

GASN30.5.17E 30-May-17 swab not detected 

GASN31.5.17A 31-May-17 swab not detected 

GASN31.5.17B 31-May-17 swab not detected 

GASN31.5.17C 31-May-17 swab not detected 

GASN31.5.17D 31-May-17 swab not detected 

GASN31.5.17E 31-May-17 swab not detected 

GASN31.5.17F 31-May-17 swab not detected 

GASN5.6.17A 31-May-17 swab POS (37.17) 

EAFO1.6.17A 1-Jun-17 swab not detected 

EAFO1.6.17B 1-Jun-17 swab not detected 

BRSN1.6.17A 1-Jun-17 swab not detected 

BRSN1.6.17AA 1-Jun-17 swab not detected 

BRSN1.6.17AA-LES 1-Jun-17 swab not detected 

EAFO4.6.17A 5-Jun-17 swab not detected 

EAFO5.6.17A 5-Jun-17 swab not detected 

EAFO5.6.17B 5-Jun-17 swab POS (37.92) 

EAFO5.6.17B-LES 5-Jun-17 swab POS (36.77) 

EAFO5.6.17C 5-Jun-17 swab not detected 

EAFO5.6.17C-LES 5-Jun-17 swab not detected 

BRSN5.6.17A 5-Jun-17 swab not detected 

BRSN5.6.17B 5-Jun-17 swab not detected 

EAFO6.6.17A 6-Jun-17 swab POS (37.39) 
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EAFO6.6.17A-LES 6-Jun-17 swab POS (33.16) 

EAFO7.6.17A 7-Jun-17 swab not detected 

EAFO7.6.17AA 7-Jun-17 swab not detected 

EAFO7.6.17AA-LES 7-Jun-17 swab not detected 

BRSN7.6.17A 7-Jun-17 swab not detected 

GASN7.6.17A 7-Jun-17 swab not detected 

GASN7.6.17B 7-Jun-17 swab not detected 

GASN7.6.17C 7-Jun-17 swab not detected 

RISN7.6.17A 7-Jun-17 swab not detected 

BRSN9.6.17A 9-Jun-17 swab not detected 

EAFO10.6.17A 10-Jun-17 swab not detected 

EAFO10.6.17B 10-Jun-17 swab not detected 

EAFO12.6.17A 12-Jun-17 swab not detected 

EAFO12.6.17B 12-Jun-17 swab not detected 

EAFO14.6.17A 14-Jun-17 swab not detected 

BRSN14.6.17A 14-Jun-17 swab not detected 

EAFO15.6.17A 15-Jun-17 swab not detected 

EAFO15.6.17B 15-Jun-17 swab not detected 

EAFO15.6.17C 15-Jun-17 swab not detected 

EAFO19.6.17A 19-Jun-17 swab not detected 

EAFO21.6.17AA 21-Jun-17 swab not detected 

EAFO21.6.17BB 21-Jun-17 swab not detected 

EAFO21.6.17CC 21-Jun-17 swab not detected 

EAFO21.6.17CC-LES 21-Jun-17 swab not detected 

BRSN21.6.17AA 21-Jun-17 swab not detected 

GASN21.6.17A 21-Jun-17 swab not detected 

GASN21.6.17AA 21-Jun-17 swab not detected 

GASN21.6.17B 21-Jun-17 swab not detected 

GASN21.6.17BB 21-Jun-17 swab not detected 

GASN21.6.17BB-LES 21-Jun-17 swab not detected 

GASN21.6.17C 21-Jun-17 swab not detected 

GASN21.6.17D 21-Jun-17 swab not detected 

RISN21.6.17AA 21-Jun-17 swab not detected 

RISN21.6.17AA-LES 21-Jun-17 swab not detected 

BIOPSYEAFO22.6.17A 22-Jun-17 swab POS (25.92) 

EAFO22.6.17A 22-Jun-17 swab not detected 

EAFO22.6.17A-LES 22-Jun-17 swab not detected 

EAFO26.6.17A 24-Jun-17 swab not detected 

EAFO27.6.17A 27-Jun-17 swab POS (32.37) 

EAFO27.6.17B 27-Jun-17 swab POS (37.13) 
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EAFO27.6.17B-LES 27-Jun-17 swab not detected 

EAFO29.6.17A 29-Jun-17 swab not detected 

EAFO30.6.17A 29-Jun-17 swab not detected 

GASN29.6.17A 29-Jun-17 swab not detected 

EAFO29.6.17AA 29-Jun-17 swab not detected 

EAFO29.6.17A-LES 29-Jun-17 swab POS (36.13) 

GASN30.6.17A 30-Jun-17 swab not detected 

EAFO4.7.17A 4-Jul-17 swab not detected 

EAFO4.7.17A-LES 4-Jul-17 swab not detected 

EAFO5.7.17A 5-Jul-17 swab not detected 

EAFO5.7.17A-LES 5-Jul-17 swab not detected 

EAFO5.7.17B 5-Jul-17 swab not detected 

EAFO5.7.17C 5-Jul-17 swab not detected 

GASN5.7.17A 5-Jul-17 swab not detected 

GASN5.7.17AA 5-Jul-17 swab not detected 

GASN5.7.17B 5-Jul-17 swab not detected 

GASN5.7.17C 5-Jul-17 swab not detected 

RISN5.7.17A 5-Jul-17 swab not detected 

RISN5.7.17AMOUTHFLAKES 5-Jul-17 flake not detected 

EAFO6.7.17D 6-Jul-17 swab not detected 

EAFO6.7.17D-LES 6-Jul-17 swab not detected 

RISN6.7.17A 6-Jul-17 swab not detected 

RISN6.7.17A-LES 6-Jul-17 swab not detected 

EAFO12.7.17A 12-Jul-17 swab not detected 

BRSN12.7.17A 12-Jul-17 swab not detected 

BRSN12.7.17AA 12-Jul-17 swab not detected 

BRSN12.7.17B 12-Jul-17 swab not detected 

BRSN12.7.17BB 12-Jul-17 swab not detected 

GASN12.7.17A 12-Jul-17 swab not detected 

GASN12.7.17BB 12-Jul-17 swab not detected 

GASN12.7.17CC 12-Jul-17 swab not detected 

GASN12.7.17DD 12-Jul-17 swab not detected 

RISN12.7.17A 12-Jul-17 swab not detected 

RISN13.7.17A 13-Jul-17 swab not detected 

EAFO14.7.17A 14-Jul-17 swab POS (38.99) 

EAFO14.7.17A 14-Jul-17 swab not detected 

EAFO18.7.17A 18-Jul-17 swab POS (38.91) 

EAFO18.7.17A-LES 18-Jul-17 swab not detected 

EAFO18.7.17B 18-Jul-17 swab not detected 

EAFO18.7.17BFLAKES 18-Jul-17 flake not detected 
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EAFO18.7.17B-LES 18-Jul-17 swab POS (32.61) 

BRSN18.7.17A 18-Jul-17 swab not detected 

BRSN18.7.17A-LES 18-Jul-17 swab not detected 

BRSN19.7.17A 19-Jul-17 swab not detected 

BRSN19.7.17AA 19-Jul-17 swab not detected 

BRSN19.7.17A-LES 19-Jul-17 swab not detected 

GASN19.7.17AA 19-Jul-17 swab not detected 

GASN19.7.17BB 19-Jul-17 swab not detected 

EAFO24.7.17A 24-Jul-17 swab not detected 

BRSN25.7.17A 25-Jul-17 swab not detected 

BRSN25.7.17B 25-Jul-17 swab not detected 

EAFO26.7.17A 26-Jul-17 swab not detected 

EAFO26.7.17B 26-Jul-17 swab not detected 

BRSN26.7.17A 26-Jul-17 swab not detected 

BRSN26.7.17AA 26-Jul-17 swab not detected 

GASN26.7.17A 26-Jul-17 swab not detected 

RISN26.7.17A 26-Jul-17 swab not detected 

BRSN26.7.17B 26-Jul-17 swab not detected 

EAFO31.7.17A 31-Jul-17 swab not detected 

EAFO31.7.17A-LES 31-Jul-17 swab not detected 

EAFO2.8.17B 2-Aug-17 swab not detected 

EAFO2.8.17B-BIOPSY 2-Aug-17 biopsy POS (31.94) 

EAFO2.8.17B-LES 2-Aug-17 swab not detected 

EAFO2.8.17A 2-Aug-17 swab not detected 

EAFO3.8.17A 3-Aug-17 swab not detected 

EAFO8.8.17A 8-Aug-17 swab POS (26.78) 

GASN16.8.17AA 16-Aug-17 swab not detected 

BRSN23.8.17A 23-Aug-17 swab not detected 

BRSN23.8.17B 23-Aug-17 swab not detected 

GASN23.8.17AA 23-Aug-17 swab not detected 

GASN23.8.17BB 23-Aug-17 swab not detected 

GASN23.8.17CC 23-Aug-17 swab not detected 

EAFO26.8.17A 26-Aug-17 swab not detected 

EAFO26.8.17A-LES 26-Aug-17 swab not detected 

EAFO28.8.17A 28-Aug-17 swab not detected 

EAFO28.8.17A-LES 28-Aug-17 swab not detected 

EAFO28.8.17B 28-Aug-17 swab not detected 

EAFO30.8.17A 30-Aug-17 swab not detected 

EAFO30.8.17A-LES 30-Aug-17 swab not detected 

RISN30.8.17A 30-Aug-17 swab not detected 
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EAFO4.9.17A 4-Sep-17 swab POS (34.11) 

EAFO4.9.17A-LES 4-Sep-17 swab POS (36.21) 

EAFO4.9.17B 4-Sep-17 swab not detected 

GASN4.9.17A 4-Sep-17 swab not detected 

EAFO6.9.17A 6-Sep-17 swab not detected 

BRSN6.9.17A 6-Sep-17 swab not detected 

BRSN6.9.17B 6-Sep-17 swab not detected 

GASN6.9.17A 6-Sep-17 swab not detected 

GASN6.9.17A-LES 6-Sep-17 swab not detected 

GASN6.9.17B 6-Sep-17 swab not detected 

GASN6.9.17C 6-Sep-17 swab not detected 

GASN6.9.17D 6-Sep-17 swab not detected 

BRSN7.9.17A 7-Sep-17 swab not detected 

GASN7.9.17A 7-Sep-17 swab not detected 

RISN7.9.17A 7-Sep-17 swab not detected 

BRSN8.9.17A 8-Sep-17 swab not detected 

GASN14.9.17B 14-Sep-17 swab not detected 

WASN14.9.17A 14-Sep-17 swab not detected 

BRSN20.9.17A 20-Sep-17 swab POS (37.13) 

EAFO24.8.17A 24-Sep-17 swab not detected 

EAFO24.8.17AA 24-Sep-17 swab not detected 

EAFO25.9.17A 25-Sep-17 swab not detected 

EAFO26.9.17A 26-Sep-17 swab not detected 

BRSN26.9.17A 26-Sep-17 swab not detected 

GASN26.9.17A 26-Sep-17 swab not detected 

GASN26.9.17AA 26-Sep-17 swab not detected 

GASN26.9.17A-LES 26-Sep-17 swab not detected 

GASN26.9.17B 26-Sep-17 swab not detected 

EAFO27.9.17A 27-Sep-17 swab not detected 

EAFO27.9.17B 27-Sep-17 swab not detected 

EAFO27.9.17C 27-Sep-17 swab not detected 

EAFO27.9.17D 27-Sep-17 swab not detected 

BRSN27.9.17A 27-Sep-17 swab not detected 

BRSN27.9.17B 27-Sep-17 swab not detected 

GASN27.9.17A 27-Sep-17 swab not detected 

GASN27.9.17B 27-Sep-17 swab not detected 

RISN3.10.17A 3-Oct-17 swab not detected 

RISN3.10.17B 3-Oct-17 swab not detected 

EAFO4.10.17A 4-Oct-17 swab not detected 

GASN4.10.17A 4-Oct-17 swab not detected 
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RISN4.10.17A 4-Oct-17 swab not detected 

RISN4.10.17B 4-Oct-17 swab not detected 

GASN5.10.17A 5-Oct-17 swab not detected 

EAFO6.10.17A 6-Oct-17 swab not detected 

GASN6.10.17A 6-Oct-17 swab not detected 

GASN6.10.17A-LES 6-Oct-17 swab not detected 

GASN6.10.17B 6-Oct-17 swab not detected 

GASN6.10.17C 6-Oct-17 swab not detected 

GASN6.10.17D 6-Oct-17 swab not detected 

GASN7.10.17A 7-Oct-17 swab not detected 

RISN7.10.17A 7-Oct-17 swab not detected 

EAFO8.10.17A 8-Oct-17 swab not detected 

EAFO8.10.17A-LES 8-Oct-17 swab not detected 

EAFO8.10.17B 8-Oct-17 swab not detected 

GASN8.10.17A 8-Oct-17 swab not detected 

RISN8.10.17A 8-Oct-17 swab not detected 

WASN8.10.17A 8-Oct-17 swab not detected 

WASN8.10.17B 8-Oct-17 swab not detected 

GASN9.10.17A 9-Oct-17 swab not detected 

RISN9.10.17A 9-Oct-17 swab not detected 

EAFO10.10.17A 10-Oct-17 swab not detected 

WASN 2.5.18A 2-May-18 swab negative 

WASN 2.5.18A LES 2-May-18 swab negative 

GASN 2.5.18A 2-May-18 swab negative 

RISN 2.5.18A 2-May-18 swab negative 

GASN2.5.18B 2-May-18 swab negative 

GASN2.5.18B LES 2-May-18 swab negative 

GASN2.5.18E 2-May-18 swab negative 

GASN2.5.18F 2-May-18 swab negative 

GASN2.5.18FLES 2-May-18 swab negative 

GASN2.5.18C 2-May-18 swab negative 

GASN2.5.18D 2-May-18 swab negative 

GASN 3.5.18A 3-May-18 swab negative 

GASN 4.5.18A 4-May-18 swab negative 

GASN 4.5.18A LES 4-May-18 swab negative 

BRSN 4.5.18A 4-May-18 swab negative 

BRSN 4.5.18A LES 4-May-18 swab negative 

EAFO 30.5.18A- RITCHIE OLD TRANS GOOP 4-May-18 debris negative 

GASN7.5.18A 7-May-18 swab negative 

FLAKING SCALES 17.5.18- RHAEGAR 7-May-18 flake POS  (28.48) 
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SK-M 18.5.18A 7-May-18 swab negative 

EAFO7.5.18A-RITCHIE 7-May-18 swab Inconclusive (40.00) 

EAFO7.5.18ALES  7-May-18 swab POS (32.72) 

EAFO 30.5.18A- RITCHIE BIOP 7-May-18 biopsy * POS (24.27) 

GASN8.5.18A 8-May-18 swab negative 

GASN8.5.18B 8-May-18 swab negative 

GASN8.5.18B LES 8-May-18 swab negative 

GASN8.5.18C 8-May-18 swab negative 

HOG8.5.18A 8-May-18 swab negative 

GASN8.5.18BB 8-May-18 swab negative 

EAFO 8.5.18A 8-May-18 swab negative 

EAFO 8.5.18A LES 8-May-18 swab negative 

EAFO 8.5.18B- RHAEGAR 8-May-18 swab negative 

EAFO 8.5.18B- RHAEGAR LES 8-May-18 swab negative 

RNSN8.5.18A 9-May-18 swab negative 

WASN9.5.18A 9-May-18 swab negative 

GASN9.5.18A 9-May-18 swab negative 

GASN9.5.18ALES 9-May-18 swab negative 

 EAFO10.5.18A-TIMONE 10-May-18 swab negative 

EAFO10.5.18A- TIMONE LES 11-May-18 swab negative 

EAFO 11.5.18A  11-May-18 swab negative 

EAFO 11.5.18A LES 11-May-18 swab negative 

EAFO 11.5.18B 14-May-18 swab negative 

 GASN 14.5.18A 15-May-18 swab negative 

GASN 14.5.18A LES 15-May-18 swab negative 

 GASN 15.5.18A 16-May-18 swab negative 

GASN 15.5.18A LES 16-May-18 swab negative 

GASN 16.5.18A 16-May-18 swab negative 

 EAFO24.5.18B- RAVIOLI LES 17-May-18 swab negative 

EAFO 7.5.18A- RITCHIE VENTR. 18-May-18 flake POS (28.59) 

BRSN 16.5.18A 21-May-18 swab negative 

BRSN 16.5.18B 23-May-18 swab negative 

GASN 21.5.18A 23-May-18 swab negative 

WASN 23.5.18A 23-May-18 swab POS  (38.47) 

EAFO 23.5.18A-RICK 23-May-18 swab POS  (35.07) 

 EAFO 23.5.18A-RICK LES 23-May-18 swab POS  (35.60) 

EAFO 23.5.18D APOSTLE 23-May-18 swab POS  (37.20) 

EAFO 23.5.18D APOSTLE LES 23-May-18 swab POS  (30.69) 

EAFO 23.5.18D BIOP APOSTLE 23-May-18 biopsy * POS  (20.49) 

EAFO 23.5.18B 23-May-18 swab POS  (37.16) 
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EAFO 23.5.18B LES 23-May-18 swab POS  (31.41) 

EAFO 23.5.18B BIOP 23-May-18 biopsy * POS  (19.49) 

EAFO 23.5.18C 23-May-18 swab POS  (37.23) 

EAFO 23.5.18C LES 23-May-18 swab POS  (33.89) 

EAFO 23.5.18C BIOP 23-May-18 biopsy * POS  (24.68) 

EAFO 23.5.18E 23-May-18 swab negative 

 EAFO 23.5.18E LES 23-May-18 swab negative 

EAFO 23.5.18F 23-May-18 swab POS  (37.13) 

 EAFO 23.5.15F LES 23-May-18 swab POS  (36.15) 

EAFO 23.5.18G 23-May-18 swab negative 

EAFO 23.5.18H 23-May-18 swab negative 

EAFO 23.5.18I TABITHA 23-May-18 swab negative 

EAFO 24.5.18B- RAVIOLI 23-May-18 swab negative 

GASN 23.5.18A 30-May-18 swab negative 

GASN 23.5.18B 30-May-18 swab POS  (36.59) 

GASN 31.5.18AAA 31-May-18 swab negative 

GASN 31.5.18AAA LES 31-May-18 swab negative 

GASN 31.5.18A 31-May-18 swab negative 

BRSN 31.5.18A 31-May-18 swab negative 

BRSN 31.5.18BB 31-May-18 swab negative 

RISN 31.5.18AA 31-May-18 swab negative 

RISN 31.5.18A 31-May-18 swab negative 

BRSN 31.5.18B 31-May-18 swab negative 

BRSN 31.5.18C 31-May-18 swab negative 

BRSN 31.5.18AAA 31-May-18 swab negative 

RISN 31.5.18AAA 31-May-18 swab negative 

EAFO 31.5.18CC 31-May-18 swab negative 

EAFO 31.5.18BB 31-May-18 swab POS (39.18) 

 EAFO 31.5.18BB LES 31-May-18 swab POS (34.86) 

EAFO 31.5.18AA 31-May-18 swab Inconclusive (40.0) 

 EAFO 31.5.18AA LES 31-May-18 swab POS (32.59) 

EAFO 31.5.18BB-FLAKE 31-May-18 flake POS (25.93) 

EAFO 3.6.18A 3-Jun-18 swab negative 

 EAFO 3.6.18A LES 3-Jun-18 swab negative 

RISN6.6.18A 6-Jun-18 swab negative 

BRSN6.6.18A 6-Jun-18 swab negative 

BRSN6.6.18B 6-Jun-18 swab negative 

GASN6.6.18A 6-Jun-18 swab negative 

BRSN 6.6.18AA 6-Jun-18 swab negative 

EAFO6.6.18A 6-Jun-18 swab negative 
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EAFO6.6.18B 6-Jun-18 swab negative 

BRSN 13.6.18 AAA 13-Jun-18 swab negative 

GASN13.6.18AAA 13-Jun-18 swab negative 

GASN 13.6.18A 13-Jun-18 swab negative 

GASN 13.6.18B 13-Jun-18 swab negative 

BRSN 13.6.18 A 13-Jun-18 swab negative 

EAFO 13.6.18A 13-Jun-18 swab negative 

EAFO13.6.18B 13-Jun-18 swab negative 

GASN 22.6.18 AA 22-Jun-18 swab negative 

GASN 22.6.18 BB 22-Jun-18 swab negative 

EAFO 22.6.18 A 22-Jun-18 swab negative 

EAFO 22.6.18 B 22-Jun-18 swab negative 

EAFO 22.6.18B LES 22-Jun-18 swab POS  (36.56) 

EAFO 22.6.18C 22-Jun-18 swab negative 

EAFO 25.6.18A-ALASKA 24-Jun-18 swab negative 

EAFO 25.6.18B- RAVIOLI 25-Jun-18 swab negative 

EAFO 26.6.18A RITCHIE 26-Jun-18 swab POS  (36.08) 

 EAFO 26.6.18A LES RITCHIE 26-Jun-18 swab POS  (33.14) 

EAFO 27.6.18A 27-Jun-18 swab negative 

EAFO 27.6.18B- RHAEGAR 27-Jun-18 swab negative 

EAFO 27.6.18B LES- RHAEGR 27-Jun-18 swab POS  (34.86) 

EAFO 28.6.18A -APOSTLE 28-Jun-18 swab POS  (37.13) 

BRSN 29.6.18 JA 29-Jun-18 swab negative 

BRSN 29.6.18 JB 29-Jun-18 swab negative 

GASN 29.6.18 A 29-Jun-18 swab negative 

GASN 29.6.18 B 29-Jun-18 swab negative 

GASN 4.7.18 JA 4-Jul-18 swab negative 

GASN 4.7.18AR 4-Jul-18 swab negative 

GASN 4.7.18 JB 4-Jul-18 swab negative 

BRSN 4.7.18 C 4-Jul-18 swab negative 

BRSN 4.7.18 A 4-Jul-18 swab negative 

GASN 4.7.18 A 4-Jul-18 swab negative 

GASN 4.7.18 A LES 4-Jul-18 swab negative 

GASN 4.7.18 B 4-Jul-18 swab negative 

BRSN 4.7.18 B 4-Jul-18 swab negative 

EAFO 7.7.18A 7-Jul-18 swab negative 

BRSN 11.7.18 JA 11-Jul-18 swab negative 

BRSN 11.7.18 LES JA 11-Jul-18 swab negative 

GASN11.7.18 AR 11-Jul-18 swab negative 

GASN11.7.18A 11-Jul-18 swab negative 



 77 

GASN 11.7.18 BR 11-Jul-18 swab negative 

GASN11.7.18B 11-Jul-18 swab negative 

GASN 11.7.18 CR 11-Jul-18 swab negative 

GASN 11.7.18 JB 11-Jul-18 swab negative 

BRSN 11.7.18 JC 11-Jul-18 swab negative 

BRSN 11.7.18 LES JC 11-Jul-18 swab negative 

BRSN 11.7.18 JD 11-Jul-18 swab negative 

BRSN 11.07.18 A 11-Jul-18 swab negative 

BRSN 17.7.18 JA 17-Jul-18 swab negative 

GASN 17.7.18AR 17-Jul-18 swab negative 

GASN 17.7.18BR 17-Jul-18 swab negative 

BRSN 17.07.18 A 17-Jul-18 swab negative 

BRSN 25.7.18 JA 25-Jul-18 swab negative 

BRSN 25.7.18 JB 25-Jul-18 swab negative 

GASN 25.7.18 B 25-Jul-18 swab negative 

RISN 25.7.18A DOR 25-Jul-18 swab negative 

GASN 25.7.18A 25-Jul-18 swab negative 

EAFO23.7.18A 25-Jul-18 swab negative 

GASN26.7.18A 26-Jul-18 swab negative 

GASN 29.7.18A 29-Jul-18 swab negative 

GASN 30.7.18A 30-Jul-18 swab negative 

EAFO 17.7.18A- ARIANA GRANDE 30-Jul-18 swab negative 

GASN 31.7.18 BR 31-Jul-18 swab negative 

GASN 31.7.18RD 31-Jul-18 swab negative 

GASN 31.7.18CR 31-Jul-18 swab negative 

BRSN 31.7.18 JA 31-Jul-18 swab negative 

GASN 31.7.18 AR 31-Jul-18 swab negative 

EAFO 1.8.18 ANDROMEDA 1-Aug-18 swab negative 

EAFO 1.8.18 ANDROMEDA LES 1-Aug-18 swab negative 

EAFO 1.8.18A RHAEGAR 1-Aug-18 swab negative 

EAFO 2.8.18A RAVIOLI 2-Aug-18 swab negative 

EAFO 2.8.18C TIMONE 2-Aug-18 swab negative 

EAFO 2.8.18B ARIANA GRANDE 2-Aug-18 swab negative 

GASN 9.8.18 RA 9-Aug-18 swab Inconclusive (40.0) 

 GASN 9.8.18 RA LES 9-Aug-18 swab negative 

BRSN 9.8.18 JA 9-Aug-18 swab negative 

GASN 9.8.18JA 9-Aug-18 swab negative 

GASN 10.8.18A 10-Aug-18 swab negative 

EAFO 10.8.18 RITCHIE 10-Aug-18 swab negative 

EAFO 10.8.18 RITCHIE LES 10-Aug-18 swab negative 
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EAFO 13.8.18A ALASKA 13-Aug-18 swab negative 

GASN15.08.18A 15-Aug-18 swab negative 

GASN15.08.18B 15-Aug-18 swab negative 

GASN15.08.18JA 15-Aug-18 swab negative 

EAFO 15.8.18 A 15-Aug-18 swab POS  (37.04) 

EAFO 15.8.18A TISSUE 15-Aug-18 liquid* POS  (24.73) 

GASN21.08.18JA 21-Aug-18 swab not detected 

GASN 22.8.18 JA 22-Aug-18 swab not detected 

GASN 22.8.18 JB 22-Aug-18 swab not detected 

GASN 22.8.18 JC 22-Aug-18 swab not detected 

GASN22.08.18RA 22-Aug-18 swab not detected 

GASN22.08.18RB 22-Aug-18 swab not detected 

GASN22.08.18RC 22-Aug-18 swab not detected 

GASN22.08.18RD 22-Aug-18 swab not detected 

GASN 22.8.18 RE 22-Aug-18 swab not detected 

GASN 23.8.18RA 23-Aug-18 swab not detected 

GASN 23.8.18RB 23-Aug-18 swab not detected 

GASN23.08.18JA 23-Aug-18 swab not detected 

GASN 27.8.18A 27-Aug-18 swab not detected 

GASN 27.8.18B 27-Aug-18 swab not detected 

GASN 27.8.18C 27-Aug-18 swab not detected 

GASN 27.8.18D 27-Aug-18 swab not detected 

GASN 27.8.18E 27-Aug-18 swab not detected 

BRSN 27.8.18A 27-Aug-18 swab not detected 

EAFO 28.8.18A ARIANA GRANDE 28-Aug-18 swab not detected 

EAFO 29.8.18A TIMONE 29-Aug-18 swab not detected 

EAFO 29.8.18A LES TIMONE 29-Aug-18 swab not detected 

EAFO 29.8.18B RAVIOLI 29-Aug-18 swab not detected 

GASN 29.8.18 A 29-Aug-18 swab not detected 

GASN 29.8.18A LES 29-Aug-18 swab not detected 

EAFO 30.8.18A RHAEGAR 30-Aug-18 swab not detected 

EAFO 30.8.18A LES RHAEGAR 30-Aug-18 swab not detected 

EAFO 7.9.18A ALASKA 7-Sep-18 swab not detected 

EAFO 7.9.18B ANDROMEDA 7-Sep-18 swab not detected 

EAFO 7.9.18B ANDROMEDA LES 7-Sep-18 swab not detected 

EAFO 9.9.18A 9-Sep-18 swab not detected 

GASN 18.9.18A 18-Sep-18 swab not detected 

GASN 18.9.18B 18-Sep-18 swab not detected 

EAFO 26.9.18A 26-Sep-18 swab not detected 

EAFO 26.9.18A LES 26-Sep-18 swab POS (37.63) 



 79 

BRSN 26.9.18A 26-Sep-18 swab not detected 

EAFO HIBERNACULUM 7.5.18 31-May-18 swab negative 

EAFO HIBERNACULUM MARSH TRAIL 4.5.18  31-May-18 swab negative 

EAFO HIBERNACULUM SOUTH PT TR 7.5.18  31-May-18 swab negative 

 


